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Abstract
Purpose Obesity is associated with poor lymphatic solute drainage. It is unclear whether the chronic inflammation, hypoxia, 
and hyperlipidemia that are together associated with obesity cause impaired drainage function, and if so, whether these con-
ditions act directly on lymphatic endothelial cells (LECs) or are indirectly mediated by the mechanical properties or cellular 
composition of the surrounding tissue.
Methods We engineered blind-ended lymphatic vessels in type I collagen gels and simulated the obese microenvironment 
with a cocktail of tumor necrosis factor (TNF)-α, cobalt chloride  (CoCl2), and oleate, which model inflammation, hypoxia, 
and hyperlipidemia, respectively. We compared the solute drainage rate and leakage of lymphatics that were exposed to 
simulated obesity or not. We performed similar assays with lymphatics in stiffened gels, in adipocyte-laden gels, or in the 
presence of conditioned medium (CM) from adipose cells treated with the same cocktail.
Results Lymphatics that were exposed to simulated obesity exhibited more gaps in endothelial junctions, leaked more solute, 
and drained solute less quickly than control lymphatics did, regardless of matrix stiffness. CM from adipose cells that were 
exposed to simulated obesity did not affect lymphatics. Lymphatics in adipocyte-laden gels did not exhibit worse drainage 
function when exposed to simulated obesity.
Conclusions The combination of obesity-associated inflammation, hypoxia, and hyperlipidemia impairs lymphatic solute 
drainage and does so by acting directly on LECs. Surprisingly, adipocytes may play a protective role in preventing obesity-
associated conditions from impairing lymphatic solute drainage.

Keywords Lymphoscintigraphy · Microfluidics · Microphysiological system · Microvascular tissue engineering · Vascular 
physiology

Abbreviations
CM  Conditioned medium
DM  Differentiation medium

LEC  Lymphatic endothelial cell
LM  Lymphatic medium

Introduction

Obesity is an important risk factor for lymphatic dysfunc-
tion [1, 2]. For instance, a body mass index (BMI) greater 
than 50–55 can lead to lymphedema with no known pre-
cipitating event [3]. Moreover, in cancer patients, obesity 
increases the risk of developing lymphedema secondary 
to removal of lymph nodes [4]. Initially, it was hypoth-
esized that the hypertrophic adipose tissue in obesity can 
compress lymphatic vessels and generate excess interstitial 
fluid, thereby overwhelming the ability of those vessels to 
drain the fluid [3]. This explanation is incomplete, however, 
since weight loss does not fully reverse lymphedema [5]. 
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It is likely that obesity-related changes other than enlarge-
ment of adipose tissue per se can adversely affect lymphatic 
function. For example, obesity-associated fibrosis often per-
sists after weight loss [6] and could contribute to lymphatic 
dysfunction.

Obesity is now accepted to cause microenvironmen-
tal changes in adipose tissue that result in inflammation, 
hypoxia, and fibrosis [7, 8]. In obese individuals, adipose 
tissue is hypovascular [9], which causes the development of 
hypoxia, the recruitment of macrophages, and the develop-
ment of low-level chronic inflammation and fibrosis [10, 11]. 
The adipose tissue in obesity has elevated tumor necrosis 
factor (TNF)-α levels that correlate with insulin resistance 
[12]. Obesity is also associated with an increased rate of 
lipolysis in adipocytes, which is accompanied by elevated 
local and/or circulating levels of free fatty acids (FFAs) [13, 
14].

The effects of obesity-associated microenvironmental 
changes on lymphatic function, especially solute drainage, 
remain poorly understood. The collecting lymphatics of 
obese mice exhibit reduced pumping, in part from obesity-
associated perilymphatic inflammation and nitric oxide 
production [15]. Mesenteric lymphatics in obese mice and 
humans are leaky via cyclooxygenase and vascular endothe-
lial growth factor (VEGF)-C signaling [16], while lymphatic 
dysfunction in other vascular beds remain less well-studied.

The main goal of our study is to determine, using an engi-
neered 3D model, whether the combination of inflammatory 
factors, hypoxia, and FFAs that characterizes obesity can 
impair lymphatic solute drainage function. The ability of 
these factors, when presented individually, to disrupt lym-
phatic endothelial junctions, promote lymphangiogenesis, 
and/or inhibit lymphatic contractility supports the possibil-
ity that these factors together could affect solute drainage 
[17–21]. A second goal of this work is to determine whether 
other elements of the obese tissue environment, such as 
matrix stiffness (secondary to fibrosis) and the presence of 
adipocytes, may modify any alteration of lymphatic drain-
age function.

To this end, we engineered 3D in vitro models of lym-
phatic vessels, subjected them to a combination of obesity-
associated conditions—chronic inflammation, hypoxia, and 
tissue hyperlipidemia—and measured their drainage func-
tion. Inflammation, hypoxia, and hyperlipidemia were simu-
lated in vitro by exposure to TNF-α, cobalt chloride  (CoCl2), 
and oleic acid, respectively. We found that this “simulated 
obesity” impaired solute drainage of the lymphatic vessels 
in both soft and stiff collagen gels, most likely via disruption 
of lymphatic junctions. In contrast, simulated obesity did 
not affect lymphatic solute drainage or lymphatic junctions 
in adipocyte-laden gels. Conditioned medium from adipose 
cells that were exposed to the same obesity-associated con-
ditions also had no effect on drainage function of lymphatics. 

Thus, obesity-associated inflammation, hypoxia, and hyper-
lipidemia together decrease lymphatic drainage function via 
a direct effect on lymphatic endothelium.

Materials and Methods

Cell Culture

Human dermal lymphatic microvascular endothelial cells 
(LECs, lots #2011204 and #0070602 from male donors; Pro-
mocell) were cultured on gelatin-coated tissue culture plates 
in lymphatic medium (LM) that consisted of MCDB131 
(Caisson) supplemented with 10% heat-inactivated fetal 
bovine serum (FBS, lot #G20106; Bio-Techne), 1% glu-
tamine-penicillin-streptomycin (GPS; Invitrogen), 1 μg/mL 
hydrocortisone (Sigma), 80 μM dibutyryl cyclic AMP (db-
cAMP; Sigma), 25 μg/mL endothelial cell growth supple-
ment (Alfa Aesar), 2 U/mL heparin (Sigma), and 0.2 mM 
ascorbic acid 2-phosphate (Sigma). LECs were passaged 
every 2–3 days at a 1:4 ratio through passage eight using 
0.005% trypsin.

Telomerase-immortalized human adipose-derived stem 
cells (ASCs) from white adipose tissue [22] were cultured 
in high-glucose DMEM (Gibco) supplemented with 10% 
FBS and 1% GPS. Although immortalized, these cells accu-
mulate lipid and express similar levels of adipogenic mark-
ers compared to their parental primary cells after standard 
adipogenic differentiation [22]. ASCs were passaged every 
three days at a 1:4 ratio using 0.25% trypsin.

Confluent dishes of ASCs were differentiated into adi-
pocytes using differentiation medium (DM) that consisted 
of high-glucose DMEM supplemented with 2% FBS, 1% 
GPS, 0.1 µM dexamethasone (Sigma), 0.5 µM bovine insu-
lin (Sigma), 500 µM 1-methyl-3-isobutylxanthine (Sigma), 
30 µM indomethacin (Sigma), 2 nM triiodo-L-thyronine 
(Sigma), 17 µM pantothenate (Sigma), and 33 µM D-biotin 
(Sigma). Medium was replaced every three days. Nine days 
after the start of differentiation, medium was supplemented 
with 0.4 mM sodium oleate (Sigma) and 1% lipid-poor 
bovine serum albumin (BSA; Calbiochem) to accelerate the 
accumulation of lipid. Cells were differentiated for 2.5–4 
weeks (i.e., 9–21 days of treatment with oleate) before use. 
On average, 56.1 ± 3.7% of the cultured ASCs differentiated 
into adipocytes, as assessed by staining with Nile Red. We 
refer to DM-treated cultures, which contain adipocytes and 
residual non-adipocytes, as “adipose cells”.

Collection of Conditioned Medium

Adipose cell-conditioned medium was obtained by adding 
DM (10 mL per 100-mm-diameter dish) to adipose cells for 
one day at 37 °C, collecting the medium, and freezing the 
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medium at − 80 °C. Medium was thawed and sterile-filtered 
(0.2 μm; Corning) before use.

Formation of Patterned Collagen Gels

Blind-ended cavities were formed in type I collagen gels 
using a previously described technique (Fig. 1) [23, 24]. 
Briefly, polydimethylsiloxane (PDMS) chambers that con-
tained 18-mm-long channels with 1 mm × 1 mm cross-sec-
tions were UV/ozone-treated and placed feature-side down 
onto glass coverslips. The channels were coated with poly-
D-lysine (300 kDa, 1 mg/mL in PBS; Sigma). Acupuncture 
needles (120 μm in diameter; Seirin) were brushed gently 
over a laboratory bench to round the tips, coated with BSA 
(1% in PBS), and aligned inside the chambers so that the 

tips of the needles were located 1–1.5 mm from the end 
of the channels. 

A neutralized solution of type I collagen (7 mg/mL, pH 
7–7.5, from rat tail; Corning) was used to prepare three 
gel compositions: (i) Uncrosslinked adipocyte-free gels: 
The collagen mixture consisted of 100 μL of neutralized 
collagen and 4 μL of DM to obtain a final collagen con-
centration of 6.7 mg/mL. (ii) Crosslinked adipocyte-free 
gels: The original 7 mg/mL solution of neutralized col-
lagen was used. (iii) Uncrosslinked adipocyte-laden gels: 
We washed cultures of adipose cells twice with PBS and 
treated the cultures for 10 min with a 1:1 mixture of col-
lagenase (1 mg/mL in HBSS; Worthington Biochemi-
cal) and 0.25% trypsin. Cells were collected in DM and 
centrifuged at 500 g for 5 min. Residual collagenase was 
removed by washing the cells once with DM, and cells 
were centrifuged once more. After centrifugation, 4 μL of 
the floating, adipocyte-rich cell “cake” was added per 100 
μL of neutralized collagen. The estimated concentration of 
adipocytes in the collagen was 177 ± 29 cells/μL.

For all three types of gel, the collagen mixtures were 
added around the needles in the channels of the PDMS 
chambers and polymerized at 24 °C for 30 min. Imme-
diately after polymerization, uncrosslinked gels with or 
without embedded adipocytes (i.e., for gel compositions 
(i) and (iii)) were hydrated with sample medium. Sample 
medium for these gels consisted of LM supplemented with 
3% 60–90 kDa dextran (MP Biomedicals), 400 μM db-
cAMP (final concentration), and 0.5 µM bovine insulin to 
support vascular stability and to inhibit adipocyte lipolysis 
and/or dedifferentiation [25–27]. Needles were removed 
to generate empty, blind-ended cavities in the collagen 
gels. To promote the flow of medium, we subjected each 
gel to a slight hydrostatic pressure difference (~ 0.2 cm 
 H2O) by transferring 20 μL of sample medium from one 
well to the other.

For gel composition (ii), the adipocyte-free gels were 
hydrated with PBS following polymerization and removal 
of needles, and then crosslinked by flushing with 20 mM 
genipin (Wako Biosciences) in PBS for two hours at 24 °C. 
These crosslinked gels were washed exhaustively with PBS 
for at least one day to remove residual genipin before wash-
ing with sample medium. The sample medium consisted of 
LM supplemented with 3% dextran and 400 μM db-cAMP 
(final concentration) to support vascular stability; insulin 
was not added to the medium. For crosslinked gels that were 
used in experiments with conditioned medium, the sample 
medium consisted of a 1:1 mixture of LM and unconditioned 
DM with final concentrations of 3% dextran and 200 μM 
db-cAMP, and unconditioned medium was replaced with 
conditioned medium on day 5.

To prepare gels for seeding of LECs, we conditioned 
them with sample medium for at least one day.

Fig. 1  Schematic diagram of the engineering of a blind-ended 
human lymphatic vessel in an adipocyte-laden collagen matrix. A 
similar procedure with adipocyte-free collagen gel (with or without 
crosslinker) yielded a human lymphatic model without surrounding 
adipocytes
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Formation of Blind‑Ended Human Lymphatic Vessels

A total of 125 blind-ended lymphatic vessels were formed 
in this study using previously described methods [23]: 25 
in uncrosslinked, adipocyte-free gels; 54 in crosslinked, 
adipocyte-free gels; and 46 in uncrosslinked, adipocyte-
laden gels. LECs were collected as a dense suspension 
(~  107 cells/mL) in sample medium. Cells were seeded 
into the empty cavities by adding ~ 5 µL of cell suspen-
sion to the well adjacent to the open end of the cavity (i.e., 
the “base well”) and ~ 3 µL of cell-free sample medium 
to the well adjacent to the tip of the cavity (i.e., the “tip 
well”), which allowed hydrostatic pressure to advect cells 
into the cavities. Once the LECs reached the tips of the 
cavities, 5–10 µL of sample medium was added to the tip 
wells to prevent more cells from entering the cavities. 
After 15 min, ~ 50 µL of sample medium was added to the 
tip wells to flow any non-adherent LECs out of the cavi-
ties. The base wells were rinsed three times with sample 
medium to remove non-adherent cells. Samples were then 
refed twice a day for at least three days by adding 75 µL 
of sample medium to the base wells and 25 µL of sample 
medium to the tip wells. Only vessels that reached conflu-
ency in 3–5 days were kept for experiments.

Simulation of Obesity‑Associated Conditions

To simulate obesity and produce “obesity-treated” lym-
phatics, we added 10 ng/mL TNF-α, 50 µM  CoCl2, and 
0.4 mM oleic acid (with 1% BSA as a carrier) in sample 
medium to lymphatics on day 3 (i.e., three days after the 
seeding of LECs) and continued treatment for three days. 
These concentrations were chosen from published studies 
[17, 19, 28, 29]. We also added this cocktail to adipose 
cells in DM in 2D culture for three days to produce “obe-
sity-treated” adipose cells. For some experiments, CM 
(“obesity-treated CM”) was collected from these adipose 
cells and added to lymphatics for three days starting on 
day 5.

Characterization of Embedded Adipocytes

The viability of embedded cells in the adipose/lymphatic 
co-culture model was tested on day 3 by supplementing the 
medium with propidium iodide (PI, 2 µg/mL; Invitrogen) 
and Hoechst 33342 (10 µg/mL; Invitrogen) for 30 min. 
Samples were imaged near the tip of the vessel using a 
1 mm × 1.4 mm field of view. Viability is reported as the 
percentage of embedded cells that were PI-negative.

The percentage of embedded cells that remained adipo-
cytes on day 3 was measured in fixed samples (fixation is 
detailed below in “Immunofluorescence staining”) based on 
the morphology and lipid content of the cells. Circularity 
(C) of a cell was calculated as C = 4πA/P2, where A and P 
are the area and perimeter of the cell, respectively. A cir-
cularity of 1 represents a perfect circle, and a circularity 
of 0 represents a curve with no enclosed area. Cells with a 
circularity of at least 0.65 were considered round; otherwise, 
they were considered elongated. Adipocytes were defined 
as round cells that were Nile Red-positive. Dedifferentiated 
cells were defined as elongated cells that were Nile Red-
negative. Round, Nile Red-negative cells and elongated, Nile 
Red-positive cells were considered to be partially dediffer-
entiated. Adipocyte diameter was defined as the maximum 
width of an adipocyte.

Solute Drainage Assay

Following a previous protocol [24], we measured the 
ability of lymphatics to drain solute after three days of 
treatment (i.e., on day 6 for obesity-treated lymphatics 
or on day 8 for lymphatics cultured with obesity-treated 
CM from adipose cells). We first placed vessels under a 
drainage-promoting pressure difference of 0.25 cm  H2O 
(for samples with 6.7 mg/mL collagen gels) or 0.4 cm  H2O 
(for samples with 7.0 mg/mL collagen gels) by adding a 
PDMS spacer and additional medium to the tip well of the 
sample. Under these conditions, the pressure at the blind 
end of the lymphatic was greater than the pressure at the 
open end. After four hours, medium in the tip well was 
replaced with medium that contained 100 μg/mL Alexa 
Fluor 488-or 594-conjugated dextran (10 kDa; Invitrogen). 
Alexa Fluor 594 was used for Figs. 2 and 7; Alexa Fluor 
488 was used instead for Figs. 3 and 5 to avoid autofluo-
rescence from crosslinked gels. A rectangular region of 
interest (ROI) adjacent to the open end of the vessel was 
then imaged every two minutes for ninety minutes with a 
Plan-Neofluar 5 × /0.15 NA objective (Zeiss) to track fluo-
rescence intensity. All samples were imaged with identical 
microscope settings, and exposure times were chosen so 
that fluorescence detection was within the linear range and 
not saturated. Images were corrected for non-uniform illu-
mination using Axiovision ver. 4.5. Solute drainage rates 

Fig. 2  Simulated obesity impairs lymphatic solute drainage in 
uncrosslinked adipocyte-free gels. A Schematic (left) and phase-con-
trast image (right) of a lymphatic vessel in an uncrosslinked collagen 
gel on day 3. B Schematic of solute drainage assay. C Whole-vessel 
fluorescence images taken 90 min after introduction of solute. Flow 
is from left to right. D Solute drainage rates. E Representative traces 
of the transverse fluorescence intensity profile in control and obesity-
treated samples, taken 1 cm from the open end of the vessel. F Sol-
ute retention fractions. Data in (D) and (F) are from six independent 
experiments. G Fluorescence images of lymphatic vessels stained for 
PECAM-1 on day 6 after three days of control treatment or simulated 
obesity. Images were taken at the bottom surface of the vessel near 
the vessel tip. Arrows indicate gaps in junctions. **, p < 0.01; ***, 
p < 0.001

◂
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(equivalent to lymphoscintigraphy rate constants [30]) 
were calculated as described previously using ImageJ [24]. 
Once time-lapse imaging of the ROI was complete (i.e., 
after 90 min of drainage), a composite fluorescence image 
of the whole vessel was obtained by stitching overlapping 
images. Solute leakage at 90 min was determined from 

the composite image using ImageJ by examining the final 
1 cm of the sample closest to the open end of the vessel, 
subtracting background fluorescence, and calculating the 
ratio of integrated fluorescence signal solely within the 
vessel lumen over the signal in the vessel plus surround-
ing matrix.

Fig. 3  Simulated obesity impairs lymphatic solute drainage in 
crosslinked adipocyte-free gels. A Schematic (left) and phase-contrast 
image (right) of a lymphatic vessel in a crosslinked gel on day 3. B 
Whole-vessel fluorescence images taken 90 min after introduction of 
solute. Flow is from left to right. C Solute drainage rates. D Repre-
sentative traces of the transverse fluorescence intensity profile, taken 

1  cm from the open end of the vessel. E Solute retention fractions. 
Data in (C) and (E) are from six independent experiments. F Fluo-
rescence images of lymphatic vessels stained for PECAM-1 on day 
6 after three days of control treatment or simulated obesity. Images 
were taken at the bottom surface of the vessel near the vessel tip. 
Arrows indicate gaps in junctions. **, p < 0.01; ***, p < 0.001
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Immunofluorescence Staining

Lymphatic vessels in cell-free and in adipocyte-containing 
gels were fixed before (on day 3 or 5) or after (on day 6 
or 8) obesity treatment and stained as described previously 
[31, 32]. Briefly, samples were fixed in 4% paraformalde-
hyde (PFA; Electron Microscopy Sciences) for 15 min at 
room temperature and washed with PBS. Samples were 
then removed from the PDMS chambers, placed into PBS in 
microcentrifuge tubes, and stored at 4 °C until use. Samples 
were permeabilized with 0.2% Triton X-100 (Sigma) in PBS 
(i.e., PBST) for 30 min and treated with blocking buffer that 
consisted of 5% goat serum (GS; Invitrogen) in PBST for 
4 hr at room temperature. Primary antibodies were prepared 
in blocking buffer, applied to the samples overnight at 4 °C, 
and washed out by transferring samples to fresh tubes with 
PBST. Sequential washes were performed at least six times 
for 30 min each on a rocker at room temperature. An identi-
cal protocol was followed to apply secondary antibodies, 
Hoechst 33342 (10 μg/mL), and Nile Red (1 μg/mL; Sigma). 
Primary antibodies and their working concentrations were 
mouse anti-PECAM-1 (clone WM-59, 10 μg/mL; Sigma), 
rabbit anti-Prox1 (1:1000, absolute concentration unknown; 
Upstate), mouse anti-VE-cadherin (clone 75, 2.5 μg/mL; 
BD Transduction Laboratories), and rabbit anti-perilipin 1 
(5 μg/mL; Invitrogen). Secondary antibodies were highly 
cross-adsorbed Alexa Fluor 488-or 594-conjugated goat 
anti-mouse IgG and anti-rabbit IgG (5 μg/mL; Invitrogen).

Cultures of LECs, undifferentiated ASCs, and adipose 
cells were also grown on coverslips, fixed, and stained for 
Prox1. The LECs and undifferentiated ASCs served as the 
positive and negative controls, respectively. Before fixing, 
the adipose cells were exposed to lymphatic sample medium 
with insulin for three days to approximate the conditions of 
the embedded adipocytes in the 3D adipose/lymphatic co-
culture model. Cells were fixed with 4% PFA, washed with 
PBS, and treated with blocking buffer for 30 min. Primary 
antibody was applied for 1 hr at room temperature, and cells 
were washed three times with blocking buffer for 5 min each. 
Secondary antibody was applied and cells were washed in a 
similar manner before imaging.

Assessment of Endothelial Junctional Integrity

We stained lymphatic vessels for PECAM-1 after three 
days of simulated obesity or control treatment, as described 
above. We then imaged the bottom surface at the tips of the 
vessels with an Achroplan 63 × /0.95 NA water immersion 
objective and counted the number of gaps in PECAM-1 sig-
nal along endothelial junctions. Data are from three lym-
phatics per condition, with 800–1200 μm of junction length 
analyzed per vessel.

Quantitative Real‑Time PCR

Total RNA was isolated from adipose cells, with or with-
out obesity treatment, using GeneJET RNA purification kit 
(Thermo Fisher) according to the manufacturer’s instruc-
tions. cDNA was generated from 0.5 µg of mRNA using 
LUNA RT Supermix reverse transcript kit (NEB) with a 
T100 Thermal Cycler (Bio-Rad), according to the manu-
facturer’s instructions. qPCR was performed using LUNA 
Universal qPCR Master Mix (NEB) with a CFX Opus Real-
Time PCR system (Bio-Rad). Relative mRNA levels were 
calculated using the ΔΔCT method using 18S to normalize 
samples. Primers are listed in Supplementary Table 1.

Measurement of Collagen Elastic Modulus

To measure the elastic moduli of each collagen gel formu-
lation, we prepared cylindrical discs of gel with a height 
of ~ 1 mm and diameter of ~ 10 mm. Gels were submerged 
in a solution of 1% BSA in PBS, and stainless steel balls 
(1.2  mm diameter; Precision Balls) or aluminum balls 
(1.0 mm diameter; Precision Balls) were carefully placed 
on top of the gels. The elastic modulus was calculated from 
the deformation distance of the ball into the gel after 30 min, 
as described previously [33].

Statistics

Statistical tests were conducted using Graphpad Prism ver. 5. 
Solute drainage rates were reported as geometric means with 
95% CI and compared using a Mann-Whitney U test. Solute 
retention fractions in the lymphatic vessels were plotted with 
medians and compared using a Mann-Whitney U test. Elastic 
moduli were reported as mean ± SD and compared using 
one-way ANOVA followed by Dunnett’s post-test. Relative 
mRNA levels and all other continuous data were reported 
as mean ± SD and compared using Welch’s or Student’s t 
test, respectively. A p value of less than 0.05 was considered 
statistically significant.

Results

To study how obesity affects lymphatic solute drainage, we 
adapted a previously developed human lymphatic vessel 
[23, 24] that was engineered in a micropatterned, cavity-
containing type I collagen gel (Fig. 1). We simulated obe-
sity in these vessels by exposing them to a combination of 
three microenvironmental conditions that are characteristic 
of obesity: inflammation, hypoxia, and elevated levels of 
FFAs. We also modified this model to mimic physical or 
cellular features of the obese adipose tissue microenviron-
ment by crosslinking the collagen gel (i.e., to model a stiffer, 
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fibrotic tissue) or by embedding adipocytes into the gel. We 
used 10 ng/mL TNF-α to simulate inflammation, 50 µM 
 CoCl2 to induce a hypoxic response [28], and 0.4 mM oleic 
acid (with 1% BSA as a carrier) to model hyperlipidemia. 
For simplicity, “simulated obesity” refers to the addition 
of TNF-α,  CoCl2, and oleate to the sample medium, and 
“obesity-treated lymphatics” or “obesity-treated adipocytes” 
refers to lymphatics or adipocytes treated with this cocktail, 
respectively.

Simulated Obesity Impairs Lymphatic Solute 
Drainage Independent of Matrix Stiffness

To test whether simulated obesity directly impairs lymphatic 
solute drainage, we first formed blind-ended lymphatics in 
uncrosslinked adipocyte-free gels (Fig. 2A and Fig. S1A) 
and exposed them to TNF-α,  CoCl2, and oleate. We tested 
the solute drainage function of the lymphatics after three 
days of treatment, by adding fluorescent solute to the tip 
well of the sample and allowing it to drain into the lymphatic 
under pressure-driven flow for 90 min (Fig. 2B). Drainage 
rates were calculated from the rate of fluorescence accumu-
lation in the base well, as previously detailed [23, 24]. Sol-
ute retention fractions were determined from whole-vessel 
images taken immediately after the 90-min drainage assay.

We found that simulated obesity impaired solute drain-
age and caused vessels to become leakier compared to con-
trol (Fig. 2C). Simulated obesity reduced solute drainage 
rate ( 1.8+3.1

−1.1
× 10−4∕min for obesity-treated lymphatics, 

6.9
+7.9
−3.7

× 10−4∕min for control lymphatics, p = 0.0041; 
Fig. 2D) and caused less solute to be retained in the lymphat-
ics (p = 0.0005; Fig. 2E, F). PECAM-1 staining revealed that 
control lymphatics exhibited straight, continuous junctions, 
whereas obesity-treated lymphatics exhibited jagged, dis-
continuous junctions (Fig. 2G). Obesity-treated lymphatics 
had more gaps in endothelial junctions (24.9 ± 5.9 gaps/mm) 
than control lymphatics did (8.4 ± 3.5 gaps/mm, p = 0.015).

Given that fibrosis often develops in obese adipose tis-
sue, we also tested whether simulated obesity disrupts sol-
ute drainage in a stiffer tissue environment (Fig. 3A and 
Fig.  S1B). Here, we crosslinked the collagen gel with 
genipin before seeding the cavity with LECs. The genipin-
crosslinked gels had an elastic modulus of 1003 ± 143 Pa 
compared to 108 ± 21 Pa for uncrosslinked, acellular gels 
(p < 0.001; Fig. S2).

In crosslinked adipocyte-free gels, simulated obesity 
again impaired lymphatic solute drainage and caused vessels 
to become leakier compared to control (Fig. 3B). Simulated 
obesity reduced solute drainage rate ( 3.9+2.0

−1.3
× 10−4∕min 

for obesity-treated lymphatics, 9.6+2.4
−2.0

× 10−4∕min for con-
trol lymphatics, p = 0.0039; Fig. 3C) and caused less solute 
to be retained in the lymphatics (p = 0.0002; Fig. 3D, E). 

Obesity-treated lymphatics had disrupted junctions com-
pared to control lymphatics (Fig. 3F). Obesity-treated lym-
phatics had more gaps in endothelial junctions (36.7 ± 9.9 
gaps/mm) than control lymphatics did (15.2 ± 3.8 gaps/mm, 
p = 0.025).

Conditioned Medium from Obesity‑Treated Adipose 
Cells Does Not Affect Lymphatic Solute Drainage

We expected that obesity-associated conditions could 
also affect lymphatic drainage function indirectly through 
changes to surrounding adipocytes. Thus, we first tested 
whether simulated obesity resulted in changes to adipose 
cells. We simulated obesity in 2D cultures of differentiated 
ASCs for three days and compared the gene expression of 
the obesity-treated adipose cells to that of adipose cells in 
control conditions. We compared the expression levels of 
various adipogenic and inflammation-associated genes to 
validate that the obesity-treated adipose cells were repre-
sentative of adipocytes in obese tissues in vivo. Simulated 
obesity caused downregulation of the adipogenic genes 
PPARG  (p = 0.0098), FABP4 (p = 0.0047), and ADIPOQ 
(p = 0.0061), but not PLIN1 (p = 0.17), in the adipose cells 
(Fig. 4). Moreover, simulated obesity caused upregulation of 
IL6 (p = 0.0065) in the adipose cells. Downregulated expres-
sion of adipogenic genes is observed in obesity and could 
suggest an altered secretome from the obesity-treated cells. 
Adiponectin, the gene product of ADIPOQ, is a secreted 
adipokine; reduction of adiponectin levels is associated with 
lymphatic dysfunction [34]. Upregulation of inflammatory 
cytokines could affect the permeability of lymphatic vessels 
in a paracrine manner [17, 18].

Given that the obesity-treated adipose cells showed 
changes in gene expression compared to control, we 

Fig. 4  Simulated obesity changes adipose cell gene expression. 
Expression levels of PPARG , FABP4, ADIPOQ, PLIN1, and IL6 
in obesity-treated adipose cells are calculated relative to those of 
untreated (control) adipose cells. Data are from three independent 
experiments. **, p < 0.01; n.s., not significant
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wondered if changes in their secreted factors would be suf-
ficient to alter drainage function of engineered lymphatics. 
To test this idea, we collected CM from obesity-treated or 
control adipose cells after three days of obesity or mock 
treatment, respectively. We then formed lymphatic vessels 

in crosslinked gels and treated the lymphatics with CM for 
three days starting on day 5 (Fig. 5A and Fig. S1C). Thus, 
the lymphatics were exposed to the obesity condition only 
through obesity-induced alterations in adipose cell-condi-
tioned medium.

Fig. 5  CM from obesity-treated adipose cells does not affect lym-
phatic solute drainage compared to CM from control adipose cells. A 
Schematic (left) and phase-contrast image (right) of a lymphatic ves-
sel in a crosslinked adipocyte-free collagen gel on day 5. B Whole-
vessel fluorescence images taken 90 min after introduction of solute. 
Flow is from left to right. C Solute drainage rates. D Representative 
traces of the transverse fluorescence intensity profile, taken 1  cm 

from the open end of the vessel. E Solute retention fractions. Data 
in (C) and (E) are from six independent experiments. F Fluorescence 
images of lymphatic vessels stained for PECAM-1 on day 8 after 
three days of treatment with control or obesity-treated CM. Images 
were taken at the bottom surface of the vessel near the vessel tip. 
Arrows indicate gaps in junctions. n.s., not significant
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We found that CM from obesity-treated adipose cells 
did not impair solute drainage and did not cause vessels to 
become leakier compared to CM from control adipose cells 
(Fig. 5B). CM from obesity-treated adipose cells did not 
affect solute drainage rate ( 5.3+3.7

−2.2
× 10−4∕min for obesity-

treated CM, 3.6+4.7
−2.0

× 10−4∕min for control CM, p = 0.29; 
Fig. 5C) or the amount of solute retained in the lymphat-
ics compared to CM from control adipose cells (p = 0.65; 
Fig. 5D, E). CM from obesity-treated adipose cells did not 
disrupt lymphatic junctions (Fig. 5F). Endothelial junc-
tions of lymphatics that were exposed to obesity-treated 
CM had 14.7 ± 2.0 gaps/mm, compared to 13.0 ± 2.2 gaps/
mm for those of lymphatics that were exposed to control 
CM (p = 0.40). These results suggest that any changes to 
secreted soluble factors in obesity-treated adipose cells com-
pared to control are insufficient to impair lymphatic drainage 
function.

Engineering of an Adipose/Lymphatic Co‑Culture 
Model

Even though CM from obesity-treated adipose cells did not 
affect lymphatic drainage function, it is possible that the 
presence of obesity-treated adipocytes near the lymphatics 
could alter function in some other way (i.e., through bidirec-
tional crosstalk with LECs or through physical effects). To 
study how simulated obesity affects lymphatics in the pres-
ence of adipocytes, we first developed a co-culture model 
that consists of a lymphatic vessel in an adipocyte-laden 
collagen gel (Fig. 6A). Confluent vessels formed within 
three days after seeding LECs in cavities in adipocyte-laden 
gels (Fig. 6B). On average, 80.0 ± 1.7% of the adipocytes 
remained viable on day 3. As we have observed in past work 
[33], some adipocytes lost lipid and/or dedifferentiated over 
time. Nile Red stains revealed the fraction of adipocytes 
that retained lipid (Fig. 6C): 64.9 ± 3.9% of the adipocytes 
remained differentiated (i.e., rounded morphology and posi-
tive Nile Red signal) on day 3, compared to 15.4 ± 1.8% 
that had fully dedifferentiated (i.e., elongated morphology 
and negative Nile Red signal). The remaining 19.7 ± 3.4% 

Fig. 6  Characterization 
of adipose/lymphatic co-
culture model. A Schematic 
of a lymphatic vessel in an 
uncrosslinked adipocyte-laden 
collagen gel. B Phase-contrast 
images on day 0 (top) and day 
3 (bottom). Scale bars refer to 
200 μm. C–E Immunofluo-
rescence images on day 3. C 
PECAM-1/Nile Red stain. Scale 
bar refers to 200 μm. Inset, 
magnified view of the vessel; 
scale bar refers to 20 μm. D An 
embedded adipocyte, stained for 
Nile Red and perilipin (green). 
Scale bar refers to 20 μm. E 
VE-cadherin/Prox1 stain. Scale 
bar refers to 200 μm. Inset, 
magnified view of the ves-
sel; scale bar refers to 20 μm. 
Images are taken at the bottom 
of the vessel near the vessel tip
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of adipocytes had partially dedifferentiated (i.e., elongated 
morphology or negative Nile Red signal, but not both). As 
expected, the surface of the lipid droplets stained positively 
for perilipin (Fig. 6D).

PECAM-1 stains confirmed that the lymphatic endothe-
lium in the co-culture was confluent by day 3 (Fig. 6C), 
as in adipocyte-free lymphatics. Lymphatics exhibited 

continuous PECAM-1 and VE-cadherin signal at endothe-
lial junctions (Fig. 6C, E). The endothelial cells (and some 
adipocytes) also stained positively for the LEC transcrip-
tion factor Prox1 (Fig.  6E). Although Prox1 is often 
viewed as LEC-specific, adipocytes have been reported 
to express moderate levels of Prox1 compared to other 
non-endothelial stromal cells [35]; we confirmed positive 

Fig. 7  Simulated obesity does not impair solute drainage of lymphat-
ics in adipocyte-laden gels. A Schematic (left) and phase-contrast 
image (right) of a lymphatic vessel in an uncrosslinked adipocyte-
laden collagen gel on day 3. B Whole-vessel fluorescence images 
taken 90 min after introduction of solute. Flow is from left to right. C 
Solute drainage rates. D Representative traces of the transverse fluo-
rescence intensity profile, taken 1 cm from the open end of the vessel. 

E Solute retention fractions. Data in (C) and (E) are from ten inde-
pendent experiments. F Fluorescence images of lymphatic vessels 
stained for PECAM-1 on day 6 after three days of control treatment 
or simulated obesity. Images were taken at the bottom surface of the 
vessel near the vessel tip. Arrows indicate gaps in junctions. n.s., not 
significant
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Prox1 expression in adipocytes in 2D culture compared to 
undifferentiated ASCs (Fig. S3).

Simulated Obesity Does Not Impair Lymphatic 
Solute Drainage in Adipocyte‑Laden Collagen Gels

To test whether simulated obesity can impair lymphatic 
solute drainage in the presence of adipocytes, we added 
TNF-α,  CoCl2, and oleate to the adipose/lymphatic co-
culture model for three days starting on day 3 (Fig. 7A and 
Fig. S1D). Thus, lymphatics were simultaneously exposed 
to the conditioned medium of obesity-treated adipocytes 
in situ and to the obesity treatment directly. We tracked sol-
ute drainage in obesity-treated samples and control samples 
over 90 min (Fig. 7B). Surprisingly, in the presence of adi-
pocytes, simulated obesity did not reduce the solute drain-
age rate ( 3.9+2.4

−1.5
× 10−4∕min for obesity-treated lymphatics, 

5.3
+3.0
−1.9

× 10−4∕min for control lymphatics, p = 0.43; Fig. 7C) 
or affect the leakiness (p = 0.32; Fig. 7D, E) of lymphatics 
in these co-cultures. Likewise, obesity-treated lymphatics 
did not exhibit disrupted junctions compared to control lym-
phatics (Fig. 7F). Endothelial junctions of obesity-treated 
lymphatics had 19.3 ± 6.1 gaps/mm, compared to 13.7 ± 2.1 
gaps/mm for those of control lymphatics (p = 0.21).

Discussion

In the current study, we developed and used 3D in vitro mod-
els of lymphatic vessels with or without adipocytes to study 
how obesity affects lymphatic solute drainage. To model 
an obese microenvironment, we added TNF-α,  CoCl2, and 
oleate to simulate inflammation, hypoxia, and elevated FFA 
levels, respectively. We used a previously developed solute 
drainage assay, similar to lymphoscintigraphy in vivo, to 
measure solute drainage rates of the lymphatic vessels [23]. 
We found that simulated obesity impaired lymphatic solute 
drainage in a soft or stiff matrix in the absence of adipocytes 
(Figs. 2 and 3), but did not affect drainage in the presence of 
adipocytes (Fig. 7). Moreover, CM from obesity-treated adi-
pose cells did not affect lymphatic solute drainage (Fig. 5).

Design Rationale for the Tissue‑Engineered 
Lymphatic Model

Although other studies have developed microphysiological 
systems to investigate the interactions of adipose and ves-
sels [36, 37], our model is distinct in that it uses human 
cells, incorporates a 3D blind-ended lymphatic vessel, and 
enables the measurement of physiological parameters such 
as solute drainage rate and leakage. Adipocytes are appro-
priate cells to include in this model because they are often 
found in close proximity to lymphatic vessels, are involved 

with the development of microenvironmental changes asso-
ciated with obesity (e.g., hypoxia, chronic inflammation, 
and hyperlipidemia), and are known to secrete factors (e.g., 
adipokines) that may alter lymphatic function [38]. The 
inclusion of adipocytes allowed us to investigate how simu-
lated obesity could alter adipocytes in a co-culture model 
and whether those changes could further impact lymphatic 
drainage function.

We used adipocytes that were differentiated from telom-
erized human ASCs to allow for better reproducibility of 
the model compared to one that uses primary human ASCs. 
These immortalized precursor cells have been demonstrated 
to express similar levels of the adipogenic marker PPARG  
compared to their original primary cells [22]. The ASC-
derived adipocytes in our model are smaller (47.4 ± 15.9 µm 
in diameter) than hypertrophic adipocytes in obese humans 
(100–150 µm in diameter) in vivo but comparable in size to 
primary ASC-derived adipocytes [29]. Adipocyte-laden gels 
had an elastic modulus of 106 ± 17 Pa, which was compa-
rable to that of uncrosslinked, acellular gels (p > 0.05; Fig. 
S2).

Comparison of Obesity‑Induced Changes 
in Lymphatic Solute Drainage In Vivo and In Vitro

Consistent with our findings in vitro, several studies have 
reported impairment of solute drainage in the lymphatics of 
obese mice and humans. Patients with very high BMI (>55) 
have abnormal lymphoscintigraphy results, which suggests 
that morbid obesity is linked to lymphatic dysfunction [3]. 
In a mouse model of diet-induced obesity, obese mice have 
poorer solute drainage to the inguinal lymph node [39]. 
While the reduction in solute drainage can be a direct con-
sequence of reduced contractility (and the resulting lower 
fluid drainage rates), our model instead allowed us to inves-
tigate whether the obese tissue microenvironment can impair 
solute drainage independently of changes in fluid drainage 
rates. We found that obesity-treated lymphatics exhibited 
lower solute drainage rates, which correlated with increased 
solute leakage and disrupted endothelial junctions. Our data 
imply that obesity-associated conditions can impair lym-
phatic solute drainage function directly by damaging lym-
phatic junctions.

It may seem counterintuitive that leakier lymphatics 
drain more poorly. After all, a lymphatic can only drain 
properly if its endothelium is permeable. Generalized leaki-
ness throughout the entire lymphatic network, however, is 
not conducive to drainage. Rather, segmental differences 
in permeability—in which the blind end of the lymphatic 
is leaky, while the remainder of the vessel is not—appear 
to be crucial for effective solute drainage [23]. Consist-
ent with this idea, some studies have reported that obesity 
can cause solute leakage from lymphatics in vivo, mainly 
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in the gut microcirculation [16, 40]. Mesenteric lymphatic 
vessels, which lie within adipose-rich stroma, are leaky in 
obese mice and humans, which results in accumulation of 
lipids in the interstitium and poor drainage of dietary lipids, 
lipophilic drugs, and antigens to mesenteric lymph nodes.

Role of Obesity‑Associated Conditions 
in Obesity‑Induced Lymphatic Dysfunction

Our results show that obesity-associated conditions act 
directly on lymphatic vessels to disrupt endothelial junc-
tions, promote leakage, and impair solute drainage (Figs. 2 
and 3). This direct effect is independent of matrix stiffness, 
at least within the range of moduli that was studied here (i.e., 
100–1000 Pa). Past studies have shown that TNF-α, hypoxia, 
and FFAs separately influence lymphatic function by either 
weakening or strengthening endothelial junctions or by pro-
moting lymphangiogenesis [17, 19–21]. To our knowledge, 
their combined effect on lymphatic physiology has not been 
explored previously.

TNF-α is one of the major pro-inflammatory cytokines 
elevated in adipose tissue during obesity [12]. Macrophages, 
which accumulate in adipose tissue as obesity progresses, 
are thought to be the main source of TNF-α in obese tissues 
[41, 42]. TNF-α alters the morphology of LECs, disrupts 
endothelial junctions, and decreases endothelial barrier 
function [17, 19]. The greater number of gaps observed in 
endothelial junctions in our obesity-treated lymphatics is 
consistent with the discontinuous junctions in LEC mon-
olayers that are treated with TNF-α [19]. The increased 
solute leakage from the obesity-treated lymphatics agrees 
with previous reports of reduced transendothelial electrical 
resistance and increased permeability of LEC monolayers 
treated with TNF-α [17, 19].

Hypoxia in obesity is caused by the rapid expansion of 
adipose tissue relative to vascular growth [9]. Hypoxia pro-
motes lymphangiogenesis via activation of HIF-1α in LECs 
[43], and inhibition of HIF-1α activity slows lymphatic 
recovery in a mouse tail model of lymphedema [44]. We 
did not observe any lymphangiogenesis in either control or 
obesity-treated lymphatics. Tatin et al. found that LECs in a 
hypoxic chamber had less VE-cadherin at endothelial junc-
tions than LECs under normoxic conditions did [45]. While 
we did not investigate VE-cadherin localization or expres-
sion in obesity-treated lymphatics, the gaps in PECAM-1 
signal that we observed in the junctions are consistent with 
these findings.

Elevated FFA concentration is typical in obesity and 
can arise from lipid intake and from increased lipolysis in 
adipose tissue [14]. We chose to use oleate, an unsaturated 
FFA, because it is the most abundant FFA in human adipose 
tissue and its levels are elevated in obesity [46, 47]. Oleate 
increases the permeability of LEC monolayers by causing 

gaps in VE-cadherin localization at endothelial junctions 
[48]. Nevertheless, it is important to recognize that different 
FFAs—whether singly or in combination—can affect lym-
phatic function in different ways. Palmitate, a saturated FFA, 
can promote vascular cell apoptosis and inflammation and 
can destabilize junctions in human LECs [21, 49]. Stearate, 
another saturated FFA, slows cell growth and induces an 
inflammatory response in human aortic endothelial cells, but 
oleate can inhibit the effect of stearate [50]. In our model, 
the poor barrier function of the obesity-treated lymphatics 
suggests that the addition of oleate either contributed to dis-
ruption of endothelial junctions or, at the very least, was 
insufficient to protect against junctional damage from other 
causes.

Tissue fibrosis often results from chronic inflammation 
and the resulting overactive repair mechanisms and exces-
sive deposition of matrix proteins [51]. Matrix stiffening 
from fibrosis has been shown to affect lymphatic function, 
including the worsening of lymphedema [52]. Increasing 
matrix stiffness causes ECs to reorganize the actin cytoskel-
eton, which affects VE-cadherin localization and junction 
stability [53]. Our results show that simulated obesity 
impairs lymphatic drainage function, whether in a matrix 
with an elastic modulus of ~ 100 Pa or ~ 1000 Pa. This find-
ing implies that the effect of the obesity treatment dominates 
any changes in drainage function that may result from differ-
ences in matrix stiffness, at least in the range of stiffnesses 
considered here.

Role of Adipose Cells in Obesity‑Induced Lymphatic 
Dysfunction

We found that adipose cells that were exposed to simulated 
obesity expressed lower levels of the adipogenic genes 
PPARG , FABP4, and ADIPOQ and a higher level of the 
inflammatory gene IL6 (Fig. 4). The gene expression dif-
ferences of our obesity-treated adipose cells match closely 
to those reported for adipocytes that are exposed separately 
to hypoxia or TNF-α and are mostly consistent with that of 
adipocytes in obese adipose tissue. For instance, adiponec-
tin levels in obese patients are normally decreased [54]. 
Hypoxia inhibits PPARG , FABP4, and ADIPOQ expres-
sion in vitro [55]. ADIPOQ and PPARG  expression are also 
inhibited by inflammatory factors, particularly TNF-α [56]. 
Obesity causes an increase in the production of inflamma-
tory cytokines, such as IL-6, in adipose tissue [57].

Given the lower ADIPOQ expression and higher 
IL6 expression of our obesity-treated adipose cells, we 
expected that the obesity-treated adipose cells would con-
tribute to lymphatic dysfunction from CM alone or in 
our co-culture model. Low adiponectin levels are asso-
ciated with lymphatic dysfunction in vivo [34], while 
IL-6 is known to increase the permeability of lymphatic 
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endothelium in vitro [17, 18]. Surprisingly, we found that 
the presence of adipocytes protected the lymphatics from 
the detrimental effects of obesity-associated conditions 
(Fig. 7). Moreover, CM from obesity-treated adipose cells 
did not impair lymphatic drainage function (Fig. 5). Col-
lectively, these results suggest that the mixture of soluble 
factors from obese adipose cells does not impair lym-
phatic solute drainage overall.

One possible explanation for the unimpaired lymphatic 
drainage function after simulated obesity in our co-cul-
ture model is that bidirectional interactions between 
adipocytes and LECs could result in the production of 
junction-stabilizing factors, such as VEGF-A [58], which 
could counter the effects of the obesity-associated con-
ditions on LECs. Some adipokines, such as apelin and 
adrenomedullin, can stabilize lymphatic endothelium and 
could be responsible for the observed protective role of 
adipocytes [48, 59].

It is also possible that we did not find a negative effect 
of the obesity-treated adipocytes on lymphatic drainage 
because the density of adipocytes in the in vitro model was 
low. The volume fraction of adipocytes in adipose tissue 
typically exceeds 90% [60], whereas the volume fraction 
of adipocytes in our model is below ~ 2%. In addition, the 
exposure of adipocytes and LECs to simulated obesity is 
short (only three days) and may not be reflective of adi-
pose tissue in which obesity develops over years. Although 
these differences could in principle diminish any adipo-
cyte-dependent effect in our model, we have shown that 
similar adipocyte densities are sufficient to alter behavior 
in other 3D microscale tissue models [29, 33]. Moreo-
ver, the density of adipocytes used in this study was able 
to abrogate the effect of obesity treatment on drainage. 
Regardless of the underlying reason, our data indicate the 
direct effect of the obese microenvironment on lymphatics 
is critical for derangements in solute drainage.

Potential Implications

Our findings imply that obesity-associated conditions can 
impair lymphatic solute drainage and promote leakage via 
disruption of lymphatic junctions. This finding suggests 
that therapies that target the junctional response of lym-
phatic endothelium to inflammation, hypoxia, or fatty acid 
levels, rather than targeting the adipocytes per se, could 
improve solute drainage function in obese patients. Given 
that the presence of adipocytes eliminated the negative 
effects of obesity on solute drainage function, it is worth 
exploring how adipocytes and/or their secreted factors 
can protect lymphatic endothelial junctions from obesity-
induced damage.

Limitations of the Model

Although our work modeled the obese microenvironment 
as a combination of inflammation, hypoxia, and hyper-
lipidemia, we only used one factor to induce each feature 
(e.g., TNF-α for inflammation). We did not determine if 
a subset of factors was sufficient for the observed effects 
on solute drainage, nor do we know whether these factors 
act synergistically or independently. Moreover, our experi-
ments did not capture other obesity-related perturbations, 
such as hyperinsulinemia. Hyperinsulinemia can induce 
insulin resistance and impaired barrier function in LECs; 
if anything, we would expect the addition of excess insulin 
to accentuate the negative effect of obesity-associated con-
ditions on lymphatic solute drainage [61]. Obesity is not 
a homogeneous condition [62, 63], and modeling differ-
ent types of obesity (e.g., leptin-dependent versus leptin-
independent) will require modifications of the model.

In terms of the cellular and physical aspects of the 
model, one limitation is the absence of immune cells, 
such as macrophages, in the collagen gel that surrounds 
the lymphatic vessel. Obesity-associated conditions can 
induce a positive feedback loop between adipocytes and 
macrophages that amplifies the inflammatory state [64]; 
such crosstalk is not present in our model. Another limita-
tion is that our work used only type I collagen to model the 
adipose matrix, which does not fully capture the complex-
ity of the extracellular matrix in human adipose tissue or 
obesity-associated changes in matrix composition. Future 
models can incorporate other matrix components, such as 
collagen IV or collagen VI (which is upregulated in obe-
sity [65]), to better mimic adipose tissue [66]. Also, our 
lymphatics are not subjected to oscillatory flow that would 
create more realistic time-dependent pressure gradients 
and flow profiles during drainage. These limitations sug-
gest obvious next steps for enhancing the physiological 
faithfulness of the model.

Conclusions

In this study, we simulated obesity-associated inflamma-
tion, hypoxia, and tissue hyperlipidemia in 3D engineered 
models of human lymphatics and showed that these com-
bined conditions directly disrupt endothelial junctions, 
increase solute leakage from lymphatics, and impair lym-
phatic solute drainage. These findings suggest a potential 
mechanism by which the obesity-associated microenvi-
ronment can impair solute drainage through its effects on 
endothelial junctions. Surprisingly, the presence of adi-
pocytes prevented the obesity-mediated deterioration in 
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lymphatic drainage, and CM from obesity-treated adipose 
cells did not affect lymphatic drainage. These findings 
reveal a protective role of adipocytes on obesity-associ-
ated lymphatic dysfunction that will need to be explored 
further. Normalizing the dysfunctional obese tissue micro-
environment by reducing inflammation, hypoxia, and/or 
FFA concentrations may prevent junctional damage and 
improve solute drainage function. Alternatively, strength-
ening lymphatic junctions may help maintain drainage in 
an obese environment. These findings also indicate that 
targeting signaling pathways related to inflammation, 
hypoxia, and/or lipid transport in the lymphatics may 
be a better strategy to improve solute drainage in obese 
patients, compared to targeting similar pathways in adi-
pocytes. More broadly, our study provides an example of 
how engineered human 3D vascular models can be used to 
study the interactions of vessels and their environment in 
the context of obesity or other metabolic disorders.
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Supplementary Table 1:  Primer sequences used for quantitative real-time PCR assays. 

 

 

 

 

 

 

 

 

Gene Forward Sequence (5′ – 3′) Reverse Sequence (5′ – 3′) 

PPARG CACAAGAACAGATCCAGTGGTTG
CAG 

AATAATAAGGTGGAGATGCAGGC
TCC 

FABP4 ACGAGAGGATGATAAACTGGTGG GCGAACTTCAGTCCAGGTCAAC 
ADIPOQ AACATGCCCATTCGCTTTACC TAGGCAAAGTAGTACAGCCCA 
PLIN1 GACCTCCCTGAGCAGGAGAT GTGGGCTTCCTTAGTGCTGG 
IL6 ACTCACCTCTTCAGAACGAATTG CCATCTTTGGAAGGTTCAGGTTG 
18S CGGCGACGACCCATTCGAAC GAATCGAACCCTGATTCCCCGTC 
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Supplementary Figure 1:  Timelines of drainage studies for (A) Fig. 2, (B) Fig. 3, (C) Fig. 5, 

and (D) Fig. 7.  “Day 0” denotes the day on which LECs were seeded into the empty cavities in 

the gels.  Media additives (e.g., insulin) are not listed in the figure and are provided in the 

Methods section.  LM, lymphatic medium; DM, differentiation medium; CM, conditioned 

medium.  

 

Supplementary Figure 2:  Elastic moduli of collagen matrices.  Data are from three 

independent experiments.  ***, p < 0.001; n.s., not significant. 

 

Supplementary Figure 3:  Prox1 (red) and Hoechst (blue) stain of LECs, ASCs after three 

weeks of adipogenic differentiation, and undifferentiated ASCs in 2D culture. 
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Supplementary Figure 1:   
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Supplementary Figure 2:   
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Supplementary Figure 3:   
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