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Microfluidic Biomaterials

Joe Tien* and Yoseph W. Dance

Since their initial description in 2005, biomaterials that are patterned to
contain microfluidic networks (“microfluidic biomaterials”) have emerged as
promising scaffolds for a variety of tissue engineering and related
applications. This class of materials is characterized by the ability to be readily
perfused. Transport and exchange of solutes within microfluidic biomaterials
is governed by convection within channels and diffusion between channels
and the biomaterial bulk. Numerous strategies have been developed for
creating microfluidic biomaterials, including micromolding, photopatterning,
and 3D printing. In turn, these materials have been used in many applications
that benefit from the ability to perfuse a scaffold, including the engineering of
blood and lymphatic microvessels, epithelial tubes, and cell-laden tissues.
This article reviews the current state of the field and suggests new areas of
exploration for this unique class of materials.

1. Introduction

The development of microfluidic technology has revolutionized
biochemical assays by increasing their speed and sensitivity and
by decreasing the volumes of reagents that they require.[1,2] The
small length scales and large surface area-to-volume ratios that
are inherent to microfluidic devices reduce typical solute trans-
port times and increase the rate of binding events.[3,4] Although
originally envisioned for miniaturization of standard large-scale
laboratory assays, the field of microfluidics has expanded to in-
clude devices that take advantage of physicochemical phenomena
that emerge only at small length scales.[5]

Commercial microfluidic devices are primarily etched and/or
molded from mechanically sturdy and chemically durable
materials, such as glass, polydimethylsiloxane (PDMS), and
thermoplastics.[1,2] The spectacular success of glass- and
polymer-based microfluidics in biochemical analyses and re-
lated applications has led to the investigation of microfluidic
systems in other classes of materials.[6] These efforts have led
to the invention of a new type of biomaterial that doubles as a
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microfluidic device for potential bio-
logical applications.[7] These so-called
“microfluidic biomaterials” were originally
developed in alginate hydrogels by Abe
Stroock’s group in 2005[8] and have since
seen a tremendous increase in attention
as the advantages of these materials for
tissue engineering and drug delivery have
become better appreciated.

1.1. Core Features of Microfluidic
Biomaterials

A microfluidic biomaterial is a biomaterial
(most commonly, a hydrogel such as al-
ginate or type I collagen) that contains a
microscale channel that can sustain fluid
flow. The material should be compatible

with the culture of cells within the bulk of the material. As in more
traditional microfluidic devices, the channel widths in microflu-
idic biomaterials are expected to be below 1 mm. Thus, microflu-
idic biomaterials are porous at two or more length scales: one that
characterizes the channel widths, and a smaller one that charac-
terizes the average pore size of the biomaterial bulk. Depending
on how the biomaterial bulk is synthesized, the latter scale can
be orders-of-magnitude smaller than that of the channels.

Microfluidic biomaterials possess many advantages for poten-
tial biological applications. First, and most importantly, these ma-
terials are inherently able to sustain fluid flow. As a result, imme-
diate perfusion is possible, which is desirable when the bioma-
terial contains embedded cells to which nutrients are to be de-
livered and from which metabolites are to be removed. In the
absence of perfusion, solute transport can only occur via dif-
fusion, which becomes prohibitively slow for millimeter-scale
materials. Second, the transport of substances and/or cells to
and from the biomaterial can be tailored with the geometry of
the microfluidic network.[9] For a given external driving pres-
sure, the local channel density and flow rate dictate the rate at
which solutes can be exchanged between the perfusing fluid and
the material bulk. Third, because the sizes and locations of mi-
crofluidic channels are chosen by design, the microfluidic geom-
etry within the biomaterial is well-controlled and reproducible.
This characteristic makes the flow distribution within the net-
work predictable and the solute transport amenable to com-
putational modeling. Fourth, microfluidic biomaterials contain
micrometer-scale channel widths that are particularly well-suited
for replicating the geometry of microvessels and other tubular
structures that are desired in engineered tissues.[10,11]

In nearly all implementations to date, the microfluidic geom-
etry is open. That is, the channel(s) span the entire extent of
the biomaterial, so that fluid can enter and exit the channel via
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Figure 1. Strategies for forming microfluidic biomaterials and representative implementations. A) Micromolding: Generation of a channel by removal
of a thin rod from bulk material. B) Photopatterning: Generation of channels by patterned laser ablation of bulk material. C) 3D printing: Generation of
channels by dissolution of a 3D-printed structure within a bulk material.

viscous laminar flow.[9,12–15] Flow through the material proceeds
in parallel across spanning channels and through interconnected
pores within the bulk. Because the resistance to flow is much
smaller in the channels compared to that through the material
pores, the vast fraction of flow is driven preferentially through the
channels. This type of fluidic operation mimics that of biological
distribution networks, such as the blood microvascular system,
and is designed for efficient delivery and removal of solutes to
and from the material bulk.

A less common implementation is to make the microfluidic
geometry semi-open. Here, the channel(s) are open at one end,
but remain closed (i.e., blind-ended) at the other end.[16,17] As
a result, fluid can enter or exit a channel at the open end, but
it must disperse from the channel into the pores of the bioma-
terial bulk at the blind end. Because all flow in semi-open net-
works must proceed at some point through the pores, the flow
resistance is much higher than for the case of open microfluidic
geometries. The blind-ended geometry is intended to mimic the
tree-like networks that are found in many biological tissues, such
as the lymphatic system and branching epithelial networks.

1.2. Scope of the Review

This review describes strategies to engineer microfluidic bio-
materials and examples of how this class of biomaterials has
been applied in tissue engineering (particularly for “microflu-

idic vascularization”) and in drug delivery. Given the focus of
this special journal issue, the contributions of former Whitesides
Group members to this field are noted. This review is limited
to studies in which the channel geometries are engineered by
design. Thus, the creation of microfluidic scaffolds from natu-
ral tissues, such as whole animal organs[18,19] or the leaves of
a plant,[20] will not be discussed. The much larger field of mi-
crophysiological systems lies well outside the scope of this pa-
per, and the interested reader is referred to outstanding recent
reviews.[21,22]

2. Methods for Forming Microfluidic Biomaterials

Methods for engineering microfluidic biomaterials can be
grouped into categories that reflect both the patterning method
itself and the types of microfluidic geometries that are achiev-
able (Figure 1). The first, and most commonly applied, strategy is
based on micromolding of hydrogels (Figure 1A). This approach
is amenable to the formation of gels that contain single channels
or planar networks. It is widely used by many research groups,
in large part because the underlying techniques can be imple-
mented without access to specialized equipment. A second strat-
egy is based on using light to pattern the material of interest
(Figure 1B). Light-based approaches are more geometrically ver-
satile than those based on micromolding and are able to form
quasi-planar networks. Finally, and most recently, 3D printing

Adv. Healthcare Mater. 2021, 10, 2001028 © 2020 Wiley-VCH GmbH2001028 (2 of 16)



www.advancedsciencenews.com www.advhealthmat.de

has emerged as perhaps the best candidate for generating true
3D networks (Figure 1C). Both light- and printing-based methods
require specialized motors and stages to move the light source or
printing nozzle precisely relative to the existing pattern in a bio-
material.

Aside from micromolding, photopatterning, and 3D printing,
other less common methods for forming microfluidic biomate-
rials have been developed. These methods are capable of gen-
erating an open microfluidic structure, but are often limited in
the types of microfluidic geometries and spatial resolutions that
can be achieved. Of these methods, the one based on viscous
fingering[23] is perhaps the best known, and it will be discussed
at the end of this section.

2.1. Micromolding

Microfluidic biomaterials can be formed by micromolding of the
material against a pre-patterned template. This strategy is a di-
rect extension of the use of silicone (PDMS) stamps for micro-
molding of thermosetting or UV-curable polymers.[24] This ap-
proach is suitable for biomaterials that can be converted from a
liquid form into a rigidified mass. Hydrogels, both natural and
synthetic, are the most common type of biomaterial used with
micromolding. Hydrogels have the particular advantage that they
are inherently porous and can serve as mimics of the extracel-
lular matrix, so the resulting microfluidic gel is well-suited as a
scaffold for engineering living tissues. The first example of a mi-
crofluidic biomaterial, reported in 2005, was formed by micro-
molding of alginate gels.[8]

Micromolding-based methods are arguably the most popular
ones for generating microfluidic biomaterials. This popularity
stems in part because these methods are analogous to those nor-
mally used in PDMS-based soft lithography. They are technically
not too demanding and are easy to learn. Although in principle
micromolding can be automated, it is largely implemented as a
technique for manual production of small numbers of samples.
It is ideal for creating scaffolds for microphysiological systems
with relatively simple network geometries.

2.1.1. Subtractive Approaches

“Subtractive” approaches to molding microfluidic biomaterials
refer to methods in which the removal of a pre-patterned el-
ement results in the creation of the microfluidic channel or
network.[25] In the most common implementation of the subtrac-
tive approach, a thin solid cylindrical rod serves as the sacrificial
element.[12] The rods can be made of stainless steel,[12] for which
perfectly straight acupuncture needles are available, down to 100
µm in diameter. The steel needles can be etched chemically to 20–
30 µm in diameter. The rods can also be made from glass that is
formed in a pipette puller, down to ≈5 µm in diameter.[26] The
finer the rod, the more likely it is to bend under lateral forces,
and one must be careful if the goal is to obtain channels in the
same plane. Flexible PDMS rods, appropriately supported, have
also been used as the removable element.[27]

Open perfusable channels are obtained when the hydrogel is
added selectively around the mid-section of the rod before re-
moval of the rod. To decrease adhesion between the rod and sub-
sequently added hydrogel, pre-adsorption of serum albumin onto

the rod is helpful.[28] The rod is typically held by a rigid guide
that ensures the smooth and true removal of the element. Es-
pecially for thinner channels, any vibration in the rod as it is re-
moved will lead to poor resolution of the channel. Detailed proto-
cols have been published to assist in troubleshooting this type of
patterning.[25] Blind-ended cavities are obtained when sufficient
hydrogel is added to cover the tip of the rod before removal of the
rod.

Two or more rods can be used together to generate more
complex microfluidic geometries or operating conditions. For in-
stance, a parallel array of rods can be used to generate a paral-
lel array of channels.[29,30] Similarly, an arrangement of two rods
in the form of a “T” (one rod forming the top of the “T,” the
other forming the centerline) can be used to create separate per-
fused and blind-ended channels within a single biomaterial.[29]

In principle, each channel can be separately perfused, which en-
ables generation of pressure and chemical gradients within the
biomaterial.[30]

Because it is based on manual extraction of the patterning el-
ement, the rod-based subtractive approach can be applied to es-
sentially any hydrogel, such as type I collagen, fibrin, gelatin, silk
fibroin, and polyethylene glycol.[12,31–33] The versatility of this ap-
proach has led to the availability of at least one commercial prod-
uct (the ParVivo microfluidic chip by Nortis) that provides a pre-
assembled, ready-to-use setup, sans hydrogel, with an ≈120 µm
diameter silica microfiber as the subtractive element for each de-
vice.

The rod-based approach is chiefly used to generate individual
single channels, although clever implementations have obtained
branching networks from manual removal of flexible PDMS or
agarose elements.[27,33] To create interconnected networks, the
standard approach is to use micromolded meshes as the sacri-
ficial element. Once the mesh is partially encapsulated by the hy-
drogel, the mesh can be removed (e.g., by melting or dissolving)
to leave behind a microfluidic network (Figure 2A). The sacrifi-
cial meshes with the finest resolution (≈5 µm) appear to be those
made from gelatin, as we reported in 2007.[34] Gelatin can be
molded at high concentrations that result in mechanically sturdy
meshes; since the gelation is thermoreversible, the gelatin mesh
can be readily removed by melting and flushing. Stacking of sac-
rificial gelatin has been used to generate sacrificial elements that
can yield independent serpentine channels.[35] Alginate can also
be molded into a sacrificial mesh, which can be removed by im-
mersion in a calcium ion chelator.[36] Because the meshes are typ-
ically molded against PDMS stamps that are cast against sharp
photoresist patterns, the resulting microfluidic networks have
rectangular cross-sections.

Whether made by molding around rods or a patterned mesh,
the resulting biomaterial is monolithic (i.e., there are no welds
or adhesion planes) and thus structurally as robust as a bulk
version of the material. This property is particularly advanta-
geous when perfusing the channels at high pressure; previ-
ous work has shown fracture strengths in excess of 60–200
mm Hg.[34,36] A second advantage of the subtractive approach
is that it is widely applicable to many different types of bioma-
terials. As long as the method of removing the sacrificial el-
ement does not interfere with the surrounding bulk biomate-
rial, this approach is virtually guaranteed to yield the desired
structure.
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Figure 2. Formation of microfluidic biomaterials by micromolding. A)
Subtractive approach: Fibrin gel with an internal hexagonal network that
remained after removal of a gelatin mesh. The gel is perfused with 1
µm diameter microspheres. Scale bar refers to 200 µm. Adapted with
permission.[34] Copyright 2007, Royal Society of Chemistry. B) Additive
approach: Alginate gel that was bonded with transient exposure to citrate
to contain a grid-like network. Scale bar refers to 2.5 mm. Adapted with
permission.[8] Copyright 2005, American Chemical Society.

2.1.2. Additive Approaches

“Additive” approaches to molding microfluidic biomaterials re-
fer to methods in which two or more molded biomaterials are
bonded to form the microfluidic structure. The challenge of en-
suring that bonding is sufficiently strong to resist internal pres-
surization of the channels is inherent to the additive strategy.

In the most straightforward implementation of the additive ap-
proach, the microfluidic material is formed by bonding one flat
(i.e., unpatterned) gel with a molded one that contains an inden-
tation in the shape of the network.[8,37,38] Again, the use of gels
that are molded against PDMS stamps results in microfluidic ge-
ometries that have sharp corners. To obtain cylindrical channels
through an additive approach, in principle it is possible to bond
two gels that have hemi-cylindrical indentations. This approach
is technically more demanding, as it requires careful alignment
of the gels before bonding.

For ionically crosslinked biomaterials, such as alginate, bond-
ing can be induced by transiently removing the relevant ion.
This strategy was the one taken by Stroock’s group in their re-

port of the first microfluidic biomaterial (Figure 2B).[8] When two
molded alginate gels are placed into contact and then transiently
exposed to citrate (to chelate calcium ion), the initial weak bond
based on passive adhesion is transformed into a strong bond
based on re-assembly and interpenetration of alginate fibers at
the interface.

For fibrous self-assembling biomaterials, such as collagen or
fibrin gels, bonding can be induced by transient exposure to high
concentrations of low-molecular-weight “perturbants,” such as
urea or guanidinium ion.[37] These molecules disrupt the struc-
ture of the hydrogel (at sufficiently high concentrations, they
completely liquefy a preformed gel). Without the intermediate
bonding step, two patterned collagen or fibrin gels that are ini-
tially adherent can detach under repeated mechanical deforma-
tion, such as manipulation with tweezers or contraction by ad-
herent cells. Other types of gels can be bonded thermally.[39,40]

In contrast to the materials versatility of the subtractive ap-
proach, the additive approach requires each material to be treated
with its own tailored bonding recipe (e.g., citrate for alginate, per-
turbants for collagen). In all of these bonding strategies, a balance
must be struck between adhesion and spatial resolution: stronger
bonding regimens (i.e., greater concentration of bonding agent,
longer treatment time) will result in greater adhesion between
gels, but at the cost of blurring the sharp features on the pre-
patterned gels.

Bond strengths can be made sufficiently high that the result-
ing microfluidic networks are mechanically stable. Although it
is unclear whether the mechanical strength of additively bonded
microfluidic biomaterials can equal that of subtractively gener-
ated ones, the strength appears to be sufficient for most prac-
tical applications in vitro and possibly in vivo. For gels that are
sufficiently stiff, a bonding step may not be needed to yield a
microfluidic structure that remains intact under environmental
stresses.[41]

In principle, the additive approach can be used to build bioma-
terials with an internal 3D microfluidic network layer-by-layer,
as has been demonstrated with PDMS-based microfluidics.[42]

So far, however, routine extension of the layer-by-layer approach
from PDMS to hydrogels remains elusive. Alignment of de-
formable gels has proven to be far more challenging than that
of comparatively rigid PDMS.

2.2. Light-Based Methods

The absorption of light can also be used to generate microfluidic
biomaterials in a subtractive or additive process. Because the ma-
terials of interest (e.g., hydrogels) are typically transparent, using
light as the patterning agent means that the patterning step is
no longer limited to the outer surface of a material, as it would
be for micromolding. The major advantage of light-based tech-
niques is their ability to create arbitrary, complex microfluidic ge-
ometries, such as branched structures or 3D networks. Because
these methods are often implemented through a microscope,
the networks tend to be quasi-planar. The speed of the pattern-
ing technique is governed by the dwell time of the light beam
per voxel within the to-be-patterned material. As a result, light-
based methods require a trade-off between patterning resolution
and speed. Simultaneous exposure through multiple light beams
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(e.g., with a digital mirror array[43]) can potentially improve pat-
terning speed without loss of resolution.

2.2.1. Microfluidic Biomaterials via Photodegradation

Photodegradation is a subtractive approach to creating microflu-
idic biomaterials, in which light is used to remove material where
the channels are to be formed. Thus, the material acts like a posi-
tive photoresist. In most cases, photodegradation requires a bulk
transparent hydrogel to be irradiated at a wavelength that is tai-
lored to the specific photosensitive moiety in the backbone of the
hydrogel. Thus, this approach is particularly well-suited to syn-
thetic gels, such as those made from polyethylene glycol (PEG)
and its derivatives, in which the desired photolabile group can be
readily introduced.[44,45]

One of the main limitations with using photosensitive PEG
gels is that PEG by itself lacks the adhesive moieties that allow
cells to grow well within the bulk gel or on the surface of a chan-
nel. Given that much of the driving force for the development
of microfluidic biomaterials has been the desire to create new
scaffolds for engineered tissues, the biological inertness of PEG
poses a major problem. This issue can be overcome by coupling
adhesive peptides (such as GRGDS) to the gel after photodegra-
dation.

In practice, the photodegradation takes place by focusing the
light through a microscope objective onto the biomaterial and
translating the focal point in the desired pattern. Single-photon
widefield microscopes cause significant excitation outside of the
focal plane, which can lower the resolution of the resulting pat-
tern. Multiphoton microscopes minimize out-of-plane excitation
and thus increase the patterning resolution, but at the cost of
a larger excitation intensity. Much of the advances in this ap-
proach require the combination of improvements in material
photochemistry (e.g., higher absorption cross-sections) and mi-
croscope capability.

Light can also be used to create microfluidic networks within
nonphotolabile hydrogels, such as type I collagen (Figure 3A).
Here, the light is not tuned to a specific wavelength for the degra-
dation of a particular chemical moiety. Rather, high-intensity
pulsed laser illumination is used to cleave essentially all the cova-
lent bonds in the exposed region. Because this method uses non-
specific photoablation, it can be applied to a wide variety of ma-
terials, including protein and polymer gels.[15,46–48] On the other
hand, it requires higher energies than degradation of photosensi-
tive materials does; with care, these energies do not appear to be
harmful to cells outside the illuminated region.[47] In one study,
light was used to deliberately ablate both collagen and cells, which
led to enhanced cell migration into the resulting channels.[48]

2.2.2. Microfluidic Biomaterials via Photopolymerization

In photopolymerization, the biomaterial serves as a negative pho-
toresist and is built up layer-by-layer to create the channel(s). This
approach is similar to resin-based stereolithography, which gen-
erates 3D structures by scanning a laser across the surface of a
photosensitive liquid resin as the liquid is translated vertically. As
with photodegradation, PEG-based gels can be used in photopoly-
merization to form microfluidic channels.[50,51] Designed with

Figure 3. Formation of microfluidic biomaterials with light-based pat-
terning. A) Photodegradation: Collagen gel that contains open segments
formed by photoablation, viewed with second harmonic generation. Dark
areas represent collagen-free regions. Scale bar refers to 100 µm. Repro-
duced with permission.[48] Copyright 2020, AAAS. B) Photopolymeriza-
tion: Citric-acid based biodegradable elastomer that contains a microflu-
idic network, after perfusion with a solution of fluorescein. Scale bar refers
to 300 µm. Reproduced with permission.[49] Copyright 2016, Springer
Nature.

the appropriate wavelength sensitivity, the photosensitive groups
are intended to form crosslinks between PEG chains. Photopoly-
merization has also been used with biodegradable elastomers to
form microfluidic channels (Figure 3B).[49]

Although it may seem as if photodegradation and photopoly-
merization are just two sides of the same coin, they differ prac-
tically in several ways. Photodegradation is applied to an ini-
tially crosslinked, rigid gel; breaking bonds is localized exclu-
sively to regions that have absorbed sufficient light. In contrast,
photopolymerization is applied to a liquid precursor that is then
selectively crosslinked. Since the photosensitive precursor is not
rigid during the illumination, the resolution of photopolymeriza-
tion can suffer if the crosslinking agent can diffuse (e.g., from
polymer reptation) or in the presence of mechanical vibration.
With photodegradation, the most strongly illuminated region is
fully degraded, and surrounding regions are partially degraded
from scattered or unfocused light. With photopolymerization, it
is tricky to ensure that the region that is intended to be a chan-
nel remains fully unpolymerized. To improve the feature resolu-
tion that is achievable with photopolymerization, in practice each
layer is often formed separately before being assembled into the
microfluidic structure.

2.3. 3D Printing

In 3D printing, either a sacrificial material or the biomaterial it-
self is extruded from specially designed nozzles into the desired
pattern. This strategy is currently one of the most promising for
generation of large, organ-scale microfluidic biomaterials. Sim-
ilar to the rod-based micromolding methods, 3D printing is a
physical patterning technique. As a result, it is extremely ver-
satile in terms of the materials used. Unlike photopatterning, it
does not require the development of specialized chemistries. The
power of 3D printing is in its spatial versatility, as the print noz-
zles can be moved “freeform” in 3D with virtually no limitations.
Although the current resolution of 3D printers does not match
what can be achieved with micromolding or with light, much
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Figure 4. Formation of microfluidic biomaterials with 3D printing. A) Sac-
rificial approach: Fibrin gel that contains a channel formed by dissolution
of a printed sugar filament. Scale bar refers to 500 µm. Reproduced with
permission.[13] Copyright 2012, Springer Nature. B) Additive approach:
Collagen gel that contains a biomimetic microfluidic network directly
printed into a gelatin-based support bath. Adapted with permission.[53]

Copyright 2019, AAAS.

attention in biomaterials research is now focused on this tech-
nology, and further improvements are very likely.

2.3.1. Direct Writing of Sacrificial Materials

3D printing can be used to manually write sacrificial materials
with micrometer-scale resolution. These materials can be par-
tially encapsulated in a biomaterial, and then removed to yield a
microfluidic network in the biomaterial (Figure 4A). This method
is the 3D analog of the use of micromolded sacrificial meshes
described earlier, and it displays the same materials versatility of
subtractive micromolding techniques.

Several types of sacrificial “inks” have been studied, with vari-
ations in the types of structures that are achievable. As Chris
Chen’s group showed in 2012, inks that consist of concentrated
sugar-based solutions can be used to print freestanding 3D sac-
rificial meshes.[13] This printing process takes advantage of the
ability of a sugar solution to dry into a rigid glassy filament
upon extrusion from the print nozzle into air. These filaments
can be printed into open 3D meshes that are sturdy enough
to be shipped intact between laboratories. Because sugar mesh
dissolves readily in water, using it as the sacrificial element for
microfluidic hydrogels requires that the filaments be pre-coated
with a thin layer of degradable (i.e., hydrolytically metastable)
polymer to temporarily stabilize the filaments against dissolu-
tion.

A second major class of inks are based on thermoreversible
Pluronic block copolymers of PEG and polypropylene glycol.[52]

These polymers display temperature-dependent behavior that is
essential to their use as inks. In particular, Pluronic undergoes
a sol-to-gel phase transition when heated above a critical tem-
perature that depends on the molecular weights of the two poly-
mer blocks. Concentrated Pluronic solutions can be printed into
warm aqueous baths, encapsulated in the biomaterial of interest,
and then liquefied and flushed out in the cold.[52,54] Other types
of thermoreversible inks, such as concentrated gelatin, can be
3D-printed and used to create microfluidic materials in a sim-
ilar manner.[55,56] It is even possible to print an ink of lightly

crosslinked gelatin methacrylate, which degrades quickly to yield
a channel in a surrounding matrix.[57]

The resolution of subtractive approaches based on 3D-printed
sacrificial elements depends on the speed of extrusion from the
printer nozzle, the diameter of the nozzle opening, and the vis-
coelastic properties of the ink. Higher extrusion speeds yield thin-
ner and flimsier filaments. Structures as fine as ≈150 and ≈45
µm in diameter have been reported with sugar-based glass and
Pluronic copolymers, respectively.[13,52]

2.3.2. Additive 3D Printing

It is possible to print a microfluidic biomaterial additively from
a precursor gel, with or without embedded cells (Figure 4B).
Early implementations suffered from poor resolution, as the
printed gel precursor can spread onto existing layers before
gelation occurs. Recent studies have shown that printing into
a Bingham plastic fluid allows the fluid to support the printed
structures.[53,58] With an optimized support bath, direct 3D print-
ing can be used to create channels down to ≈100 µm in
diameter.[53] Extension of this approach to even smaller channels
appears possible with the development of fine-grained support
baths.

2.4. Nonlithographic Approaches

Although micromolding, photodegradation/polymerization, and
3D printing are the most commonly investigated techniques
for generating microfluidic biomaterials, other approaches have
been tried, with some success. These approaches tend to be more
restricted in the types of materials and/or microfluidic geome-
tries that they are suitable for. In exchange, they provide ease of
use that enables a quick and convenient generation of microflu-
idic channels.

2.4.1. Viscous Fingering

Of the alternatives, viscous fingering is the one that has seen the
most application.[23,59] This technique takes advantage of the Tay-
lor instability that occurs when a less viscous fluid is pressurized
against a more viscous one.[60] The instability at the interface be-
tween the two fluids can result in focusing of the less viscous one
into a thin stream that displaces the more viscous fluid only in
the stream. Application of this phenomenon toward forming a
microfluidic biomaterial starts with filling a microfluidic cham-
ber with a viscous, liquid precursor to the biomaterial. When less
viscous saline is added upstream of the precursor under hydro-
static pressure, the precursor is displaced only along a thin, cen-
tral stream. The precursor can then be gelled with the channel
intact.

The advantage of this approach is its unmatched simplicity.
Viscous fingering is even simpler to implement than micro-
molding, and certainly when compared to photopatterning or
3D printing. The patterning step can be driven by gravity or sur-
face tension.[23,59] Moreover, viscous fingering can generate sin-
gle channels or branched junctions, and the resulting biomaterial
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Figure 5. Microfluidic vascularization. A) Time-lapse images of a microfluidic collagen gel and the growth of a vessel within the channel. Adapted with
permission.[62] Copyright 2011, Springer Nature. B) Fluorescence image of an engineered microvessel after perfusion with fluorescently labeled albumin.
Restriction of solute to the lumen indicates a strong barrier. Adapted with permission.[62] Copyright 2011, Springer Nature. C) Fluorescence image of
an engineered lymphatic after introduction of fluorescent 10 kDa dextran to the collagen gel near the blind end (top). Solute is transported into the
lymphatic and drains from it at the open end (bottom). Adapted with permission.[17] Copyright 2018, Wiley.

is monolithic. As predicted theoretically,[60] the applied pressure
controls the diameter of the resulting channel (more precisely,
the ratio of the channel diameter to PDMS chamber width).[59]

The disadvantage of viscous fingering is that it lacks geometric
versatility. Each feature of the PDMS chamber will contain one,
and only one, channel. The width of the channel is 50–80% of that
of the PDMS chamber; thinner channels have not been reported
for the applied pressures and precursor viscosities used.[23,59] In
these microfluidic biomaterials, the channel occupies a substan-
tial volume fraction (25–65%) of the total material. Also, it is not
clear whether large-scale microfluidic networks can be made with
viscous fingering. Nevertheless, for applications in which hav-
ing any microfluidic geometry—regardless of the channel size or
interconnectivity—is sufficient, viscous fingering offers a simple
and elegant alternative to the approaches based on molding or
printing.

2.4.2. Other Approaches

Electric discharge has been used to create fractal vessel-like net-
works in a degradable polymer.[61] This approach is remarkable
in its ability to generate large 3D branching networks in one step,
albeit at the cost of variability in the network geometry.

3. Microfluidic Biomaterials as Scaffolds for
Microvascular and Epithelial Tissue Engineering

The original motivation for the development of microfluidic bio-
materials, and their most important application to date, is the cre-
ation of perfusable scaffolds for engineering tissues. All tissues
require some level of flow and/or exchange of fluids and solutes
for proper function. In most tissues, the most important features
that mediate this transport are the blood and lymphatic vascular
networks that provide nutrients and drainage, respectively. Other
networks include the airway system in the lung for transport of

oxygen and carbon dioxide, the tubular and collecting systems in
the kidney for transport of renal filtrate and urine, and the ductal
trees in exocrine glands for transport of glandular secretions. The
ability to build biomaterials that contain microfluidic networks
with geometries similar to native biological transport networks
has motivated the application of these materials to tissue engi-
neering.

To date, these applications have mainly been used in micro-
physiological systems, for the modeling of human physiology or
dysfunction in microscale tissues. Applications to regenerative
medicine are more speculative at this point.

3.1. Microfluidic Vascularization

By far, the most important driver for the development of mi-
crofluidic biomaterials has been to create a scaffold that is de-
signed specifically to promote vascularization (Figure 5A).[10,11]

Prior to the development of these materials, methods to vascu-
larize scaffolds relied exclusively on mimicking the natural bio-
logical processes of angiogenesis (vascular sprouting) or vasculo-
genesis (formation of vascular networks from individual cells).[11]

Since these biological processes are defined by the intrinsic mor-
phogenetic movements of vascular cells, they are slow and pro-
vide poor control over the resulting vascular geometries.

Compared to angiogenic or vasculogenic approaches, vascu-
larization via the use of microfluidic biomaterials (so-called “mi-
crofluidic vascularization”) provides several advantages. First, the
ability to immediately perfuse the materials means that any cells
in the bulk region can be fed without delay. Second, the chan-
nels serve as templates to control where the vessels form, and
the vessel geometries are defined by the user. Tissues with nearly
identical vessel geometries can be made with microfluidic bioma-
terials, which can be useful if one wishes to study vessel–tissue
interactions without confounding variations in vascular geome-
try. Disjoint microfluidic patterns can be used to engineer sepa-
rate vascular and lymphatic networks within the same scaffold.
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Third, the precise vascular geometry afforded by microfluidic bio-
materials enables the use of computational design to optimize
the geometry for a desired transport or drainage function.

For channels wider than ≈30 µm, vascularization proceeds by
flowing a dense suspension of endothelial cells into the chan-
nels. Because the size of a cell is smaller than the channel width,
the cells will distribute throughout the network. As long as the
biomaterial is naturally adhesive to cells (e.g., type I collagen, fib-
rin), the cells will adhere, spread, and eventually grow to form
a confluent lining. For nonadhesive materials (e.g., gels of PEG,
agarose, or dextran), covalent coupling of adhesive peptides or en-
tangling of matrix proteins is sufficient to enable formation of a
confluent endothelial tube.[15,41,63] Vascularization by direct seed-
ing has been successfully demonstrated in single channels and
entire networks.[12,34,38] With care to avoid excess cell accumula-
tion, it can be applied to blind-ended channels as well.[17] Flow is
maintained in these scaffolds by establishing a hydrostatic pres-
sure difference across the ends of a channel or by using pump-
driven flow.

For channels narrower than ≈30 µm, direct seeding results in
plugging of the channels. As a result, the cells are not initially
well-distributed through channels of this size. Vascularization
thus requires that the seeded cells migrate along the walls of the
channel, which can be promoted with physical and/or chemical
signals.[26] It is also possible to use selective ablation of endothe-
lial cells with a laser to promote migration of the remaining intact
cells along a capillary-scale channel.[48]

A different strategy for microfluidic vascularization is to em-
bed endothelial cells within a sacrificial rod or mesh before mold-
ing a biomaterial around it. This approach has been demon-
strated with 3D-printing of sacrificial gelatin structures.[55,64]

Once encapsulated in a collagen gel, the gelatin can be melted
to release the endothelial cells, which then adhere to the result-
ing channels. A related strategy uses electrochemical transfer of
endothelial cells from a rod to the surrounding material, before
removal of the rod.[65,66]

3.1.1. Vascular Stability and Function in Microfluidic Biomaterials

Although the channels in microfluidic biomaterials can serve as
templates for the formation of perfused microvessels, they do not
guarantee that these vessels will be stable over the long term, or
that the vessels will be functional. Important microvascular func-
tions include: the generation of a barrier between the intra- and
extravascular space, maintenance of blood fluidity, oxygenation of
the surrounding tissue, autoregulation of blood flow, control of
the local inflammatory response, hormone processing, and tissue
drainage.[67] For these functions to be present in an engineered
tissue, at minimum the vessels must not regress over the long
term.

The ability to control vascular geometry and perfusion con-
ditions within microfluidic biomaterials has enabled the eluci-
dation of signals that govern vascular stability in these materi-
als. In particular, vascular stability appears to be a mechanical
phenomenon.[68] Stable vasculature requires that the mechani-
cal stress at the interface between endothelial cells and the sur-
face of the biomaterial channel be sufficiently small. Signals that
decrease this stress, whether directly (such as high perfusion

pressure[69] and low scaffold pressure[29]) or indirectly (such as
tightening the vascular barrier with analogs of cyclic AMP[70] or
crosslinking the scaffold[71]), improve vascular stability. Under
optimized conditions, the vessels within microfluidic scaffolds
can be perfused for over 2 months. In the absence of sufficient
stabilizing signals, the endothelial cells can detach as single cells
or delaminate as multicellular patches from the biomaterial.

Generating stable blind-ended lymphatic vessels has been
more challenging. Drainage function requires the extravascular
pressure to exceed the intravascular one, a situation that is me-
chanically destabilizing. Indeed, even under optimized condi-
tions, the endothelium in these vessels begins to delaminate if
the scaffold pressure exceeds vascular pressure for more than a
few hours.[17] In vivo, the lymphatic endothelium is tethered to
the surrounding tissue by fibrillin-rich anchoring filaments.[72]

Perhaps the incorporation of fibrillin into the collagen gel, either
throughout the bulk or only at the surface of the channel, would
aid in the preservation of lymphatic stability under physiological
conditions.

Of all the microvascular functions, barrier function is the one
that is most assayed in microfluidic vascularization (Figure 5B).
Assessment of barrier function consists of quantifying the ability
of the vascular wall to restrict the passage of solutes between the
perfusate and the biomaterial bulk. Although it may seem coun-
terintuitive (after all, the purpose of the microfluidic network is
to increase the rate of transport), the emergence of a physiologi-
cal barrier is important to obtain the proper solute concentrations
and fluid flows within the biomaterial bulk. The endothelial bar-
rier serves to shield any cells in the biomaterial from inappro-
priate levels of interstitial flow. In vivo, the tightness of the mi-
crovascular barrier ranges from extreme impermeability in the
brain to extreme porosity in the liver.[73] Microvessels for most
tissues (e.g., skin, heart, adipose) lie somewhere in the middle in
their barrier function and are considered “continuous.” The ap-
propriate barrier function for engineered microvessels should be
analyzed with the relevant tissue in mind.

Quantification of barrier function relies on measuring the
permeability coefficients to various fluorescently labeled solutes,
such as serum albumin and dextrans. For models of the blood–
brain barrier (BBB), the fluorescent solutes used for permeability
measurements are much smaller in molecular weight.[74] Perme-
ability coefficients treat the vessel wall as a uniformly permeable
membrane and provide an average measure of the vessel leak-
iness. Alternatively, barrier function can be assessed by count-
ing the number of “focal” leaks along the vessel walls. In princi-
ple, the permeability coefficients and focal leak densities that are
measured for engineered microvessels can be directly compared
to the equivalent values reported in vivo. To date, a much wider
range of values has been reported for engineered, compared to
physiological, microvessels. This disparity stems both from dif-
ferences in the perfusion conditions that are applied in differ-
ent studies of vascularized biomaterials and from differences in
how the permeability assays are performed. Detailed protocols
for measuring permeability coefficients, including the required
control experiments, are available.[62]

Strong barrier function is fostered by many of the same signals
that promote vascular stability, such as high flow and elevation
of intracellular cyclic AMP levels.[69,70,75] Under optimized con-
ditions, the permeability values fall in the same range as those
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reported in vivo for continuous endothelium. Even for more spe-
cialized barriers, such as the unusually tight BBB, perfusion-
derived signals appear to be sufficient to generate the desired
level of barrier function.[74] Although signals from support cells,
such as astrocytes and pericytes, that are embedded within the
surrounding tissue are important to maintain the BBB in vivo,
a BBB-like barrier can be obtained in vitro without the addition
of these nonvascular cells. Microvessels that are formed from
kidney microvascular endothelial cells do not form a tight bar-
rier, and instead display a leaky fenestrated endothelium that is
characteristic of renal peritubular capillaries.[76] Similarly, ves-
sels of tumor-derived endothelial cells are prone to intercellular
gaps and spontaneous sprouting.[77] The relative importance of
cell-autonomous and microenvironmental conditions in control-
ling barrier function in vascularized microfluidic biomaterials re-
quires further investigation.

Microvessels within microfluidic biomaterials have been used
as microphysiological systems to analyze microvascular behavior
in the presence of perfusion. For instance, they have provided in-
sight in the molecular mechanisms that govern vascular barrier
function and its breakdown and flow-induced angiogenesis.[78–81]

Vessels that are formed adjacent to an empty channel that deliv-
ers angiogenic factors have been used to probe the mechanisms
of vascular endothelial growth factor (VEGF)- and geometry-
dependent angiogenesis under perfusion.[30,82,83] Vessels that
are formed from induced pluripotent stem cell (iPSC)-derived
brain microvascular endothelial cells have been used to elu-
cidate the mechanisms of hyperosmotic BBB opening.[84] Per-
fused microvascular networks have been used to test the ef-
fects of ultrasound on delivery of solutes to the vascular wall via
sonoporation.[85] The behavior of endothelial cells in these per-
fusable vessels can differ substantially from that in other 3D and
2D culture formats.[77,86]

Similar approaches can be used to analyze vascular activation
during inflammation and thrombosis. In general, signals that
inflame vessels in vivo do the same in vitro, and engineered
microvessels can be tuned to display a low baseline level of
activation.[12,38] Upon treatment with inflammatory signals, the
endothelium can support the adhesion of leukocytes and platelets
and the transmigration of leukocytes, as observed in vivo.[12,38,87]

Perfusion with platelet-rich plasma results in the formation of a
plug when a segment of the endothelium is injured.[88] Vascu-
larized capillary-scale channels have found particular use in the
analysis of vascular occlusion, which is a primary consequence of
sickle cell disease and malaria. Malaria-infected erythrocytes can
occlude engineered microvessels and cause a transient increase
in vascular permeability.[41,48]

Blind-ended channels can be used to form blind-ended ves-
sels that serve as artificial lymphatics. These vessels are intended
to drain the biomaterial of excess solutes and fluid. A system-
atic comparison of unseeded and seeded blind-ended channels
in their drainage ability has shed light on the design principles
that govern effective drainage.[17] As expected, the presence of a
channel increases the drainage rate over that of a solid gel. The
presence of endothelium in the channel does not alter the rate
of fluid drainage over that achievable with an unseeded channel.
Surprisingly, the presence of endothelium increases the rate of so-
lute drainage over that of an unseeded channel. The endothelium
appears to have segmental properties: at the blind end (i.e., lym-

phatic tip), the endothelium is leaky and allows entry of fluid and
solutes into the vessel; downstream, the endothelium is tight and
does not allow escape back into the surrounding scaffold (Fig-
ure 5C). This mechanism of drainage mimics that of native lym-
phatics in vivo.

3.1.2. Generation of Vascularized Tissues in Microfluidic
Biomaterials

In conjunction with microfluidic vascularization, inclusion of
nonvascular cells within the biomaterial bulk can be used to gen-
erate vascularized tissues. To date, these tissues have been small-
scale analogs that are better suited for microphysiological sys-
tems than for regenerative medicine. Given the emphasis on gen-
erating microvessels with a strong barrier, it is perhaps not sur-
prising that the tissues examined to date have consisted mainly
of those with continuous vessels, such as adipose, skin, and my-
ocardium.

Vascularized adipose in microfluidic collagen gels can be en-
gineered by embedding adipocytes within the gel (Figure 6A).[89]

The resulting tissue responds appropriately to perfusion with li-
pogenic or lipolytic hormones by expansion or shrinkage of the
lipid droplets, respectively. The presence of adipocytes leads to
a modest increase in vascular permeability. The microscale vas-
cularized adipose tissues are envisioned for studies of vessel–
adipocyte interactions during obesity and other metabolic con-
ditions.

Similar approaches have been used to create vascularized mod-
els of bone marrow and liver.[49,90] Here, the collagen gels con-
tain bone marrow aspirate, purified megakaryocytes (cells that
produce platelets), or hepatocytes. The presence of megakary-
ocytes induces micrometer-sized holes within the vascular layer,
and transforms the vessel from a continuous to a discontinu-
ous one similar to bone marrow microvessels. Although applied
for the study of thrombopoiesis, these vascularized bone mar-
row tissues could find broader use for modeling other vascu-
lar processes in the marrow, such as the egress and homing of
marrow-derived stem and progenitor cells. Vascularized liver tis-
sue produces more urea per hepatocyte than a standard 3D bulk
or sandwich culture does, and has been used to investigate drug
hepatotoxicity.[13,49,91]

Vascularized skin equivalents consist of epidermal ker-
atinocytes that are seeded on top of a vascularized microfluidic
gel that contains dermal fibroblasts (Figure 6B).[64,92,93] These
constructs display appropriate barrier function, as shown by ca-
pacitance measurements in dermal and epidermal layers. The
epidermal layer can mature sufficiently to repel applied water
droplets. Measurements of percutaneous absorption using two
drugs (caffeine and isosorbide dinitrate) have been used to test
the physiological relevance of these constructs. The skin equiva-
lents are intended as alternatives to whole-animal tests of vascu-
lar irritancy and as vascularized skin grafts.

In contrast to adipose and skin, myocardium is mechanically
active, and attention must be paid to the cell-induced deforma-
tion of the biomaterial. Vascular and myocardial tissue functions
appear to be antagonistic: the formation of mature myocardium
is favored by low-density (1.25 mg mL−1) collagen, but such di-
lute gels are too weak to support the formation of a perfusable
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Figure 6. Microfluidic vascularization. A) Vascularized adipose tissue
after 3 days of perfusion, stained for endothelial cell marker CD31
(green) and neutral lipids (red). Reproduced with permission.[89] Copy-
right 2019, IOP Publishing. B) Vascularized skin equivalent. Reproduced
with permission.[92] Copyright 2017, Elsevier. C) Vascularized proximal
tubule in 3D-printed channels, stained for CD31 (red), epithelial cell
marker Na+/K+-ATPase (green), and DNA (blue). Scale bars refer to 1 mm
(main image) and 100 µm (inset). Adapted with permission.[94] Copyright
2019, National Academy of Sciences.

microvascular network. When embedded within microfluidic
high-density (6 mg mL−1) collagen gels that contain a molded
vascular network, embryonic stem cell (ESC)-derived cardiomy-
ocytes mature to form anisotropic tissues only in the presence
of co-cultured stromal cells in the gel bulk.[95] The addition of
stromal cells to high-density gels enables the matrix remodeling

that is required for embedded cardiomyocytes to reorganize into
mature structures.

Vascularized renal tissue has been constructed with microflu-
idic fibrin-gelatin gels, in which separate serpentine channels for
endothelial and proximal tubular epithelial cells are printed via a
subtractive ink (Figure 6C).[94] When seeded with their respec-
tive cell types, these channels mature into intertwined vessel and
proximal tubule, both of which can be independently perfused.
This tissue is able to mimic kidney filtration and reabsorption
of solutes from tubular to vascular lumen. Reabsorption of albu-
min and glucose has been used to demonstrate renal function-
ality. Hyperglycemic perfusion of the proximal tubule results in
endothelial injury that is ameliorated with an inhibitor of tubular
glucose transport. Layered vascular and tubular networks, gener-
ated from micromolded networks in a collagen gel, also demon-
strate kidney-specific reabsorption.[96]

Vascularized tumors have been formed to study tumor pro-
gression and tumor-induced angiogenesis under perfused con-
ditions. The simplest configuration is to embed tumor cells in-
dividually or as aggregates within the biomaterial that contains
a vessel. This setup has been used with breast cancer cells or
their associated fibroblasts to analyze how they intravasate into
the vascular lumen under flow and how they influence lymphatic
function.[97–100] These tumors have also enabled the vascular de-
livery, extravasation, and migration of natural killer cells to the
embedded tumor cells.[101] A similar system with patient-derived
renal carcinoma cells around a perfused vessel results in an-
giogenesis that is mediated by soluble VEGF.[102] A more elab-
orate system uses two separate channels to localize a tube or
packed aggregate of tumor cells near a perfusable vessel. This
setup has been used to study the induction of lymphangiogenesis
by breast cancer cells[103] and the progression of pancreatic and
breast micro-tumors from confined growth to intravasation into
a neighboring vessel (Tien and Dance, unpublished data).[100,104]

When embedding or printing nonvascular cells within the bio-
material bulk of microfluidic scaffolds to generate perfusable tis-
sues, it is important to ensure that the patterning technique is
compatible with the desired combination of cell type and bio-
material composition. For instance, microfluidic channels can
be more easily molded into biomaterials that are more concen-
trated, but the smaller pore size in such concentrated materials
can limit the viability of embedded cells. Also, 3D-printing of cell-
laden inks can result in loss of cell viability as a result of excessive
printing-induced stresses. Given the diversity of available strate-
gies for generating microfluidic biomaterials, it is often possible
to find at least one suitable method for a given cell type and bio-
material.

Although the physiological condition is a sustained and pul-
satile vascular flow, not all studies have actually maintained per-
fusion during the maturation of the tissue.[89,92,94,97,102] In many
cases, perfusion was transient and episodic, with a large initial
flow rate followed by rapid decay of the flow as the driving pres-
sure difference dissipated.[90,95] Whether the transient versus sus-
tained nature of the perfusion alters the function of these engi-
neered tissues or of the vessels that they contain remains to be
clarified.

In the few studies that have reported in vivo grafting of
vascularized microfluidic scaffolds, perfusion through the pre-
formed vessels was often not maintained after grafting.[64,105,106]
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Figure 7. Microfluidic epithelialization. A) Perfusable renal proximal ep-
ithelial tube. Scale bar refers to 50 µm. Adapted with permission.[109] Copy-
right 2016, Elsevier. B) Perfusable MCF7 mammary epithelial tube, stained
for F-actin (red) and DNA (blue). Scale bar refers to 100 µm. Adapted with
permission.[113] Copyright 2018, Springer Nature. Compared to the thin
endothelial lining in Figure 5A, the epithelium forms a noticeably thicker
layer in both tubes.

Although the vessels persist in the graft, much of the per-
fusion into the graft derives from vascular ingrowth from
the host, rather than from flow through the vascularized
microchannels.[106] The implanted microchannels can also guide
the growth of new vessels from the host.[64] Nevertheless, these
studies have shown that the presence of the implanted vessels
results in enhanced delivery of oxygen to a tissue after grafting
and to host tissue distal to the graft.[105,106] As has been observed
in other types of grafts,[107] the therapeutic benefit from vascu-
larized microfluidic scaffolds appears to stem in large part from
paracrine effects, rather than from the persistent incorporation of
grafted cells. Direct, cuff-based surgical anastomosis of host ves-
sels to a polymer-based microfluidic scaffold has been shown to
result in sustained perfusion after grafting, even if the channels
are not initially vascularized.[49]

3.2. Microfluidic Epithelialization

Although originally intended for engineering microvasculature,
the tubular geometry of channels within microfluidic biomateri-
als has also been used recently to engineer epithelial tubes and
ducts. One example is the renal tubule: immortalized (Madin–
Darby canine kidney, MDCK) renal epithelial cells can grow to
form functional epithelial tubes in microfluidic collagen gels that
are formed with rod-based molding.[108] These tubes display an
extremely tight barrier that is typical of epithelium and brain mi-
crovessels. Subsequent studies have used primary human prox-
imal tubule epithelial cells to form the tubules, with rod-based
molding or 3D-printed sacrificial channels (Figure 7A).[109–111]

These structures display glucose reabsorption and metabolic abil-
ities that are consistent with proximal tubules in vivo.[109] Given

that many nephrotoxic drugs exert their effect on the proximal
tubule, the engineered tubules have been used for nephrotoxic-
ity drug screening, with expression of heme oxygenase-1 as the
primary toxicity marker.[110] Coupling the input of the perfused
tubule to the output of a liver-on-a-chip device provides a tool
for studying the role of liver-induced bioactivation in generating
nephrotoxins.[112]

Breast epithelial ducts have been formed in microfluidic col-
lagen gels that are formed with viscous fingering or rod-based
methods (Figure 7B).[113,114] These ducts can be back-filled with
genetically abnormal breast epithelial cells to mimic carcinoma
in situ, a condition that is believed to be the precursor to inva-
sive breast carcinoma.[114,115] These models have been made even
more elaborate with the inclusion of fibroblasts or adipose stro-
mal cells in the gel.[113,115,116] Epithelial cell behavior in 3D en-
gineered ducts can be strikingly different from that in nonduc-
tal 3D cultures (i.e., cells embedded in a gel) or in planar 2D
cultures.[86] Blind-ended channels can be filled with breast cancer
cells to form micro-tumors that invade under flow.[16]

Other types of epithelial tubes are less commonly studied. Re-
cent work has reported the use of a multi-channeled microflu-
idic collagen/fibrinogen gel to engineer an open small-diameter
bronchiole flanked by perfusable vessels.[117] This system was
used to examine the interaction of microbes in the airway with
leukocytes in the vascular lumens.

4. Microfluidic Biomaterials as Guides for
Transport and Growth

Even when they are not lined with endothelial or epithelial cells,
the built-in channels in microfluidic biomaterials render these
materials well-suited to the delivery and/or removal of solutes.
Thus, it is possible to use the channels purely as conduits for
convective flow of a desired aqueous solution, independent of any
cell lining. Alternatively, the channels can serve as passive guides
to direct tissue growth.

4.1. Tissue Engineering

When the scaffold bulk contains embedded cells, perfusion of
unlined microfluidic channels can be used to deliver nutrients
and remove metabolites from the cells (Figure 8).[9,39,118] This
approach to tissue engineering treats the microfluidic scaffold
as a bioreactor, through which fluids can be pumped. The well-
defined geometries of the perfused channels has helped to eluci-
date the basic principles of solute delivery in microfluidic bioma-
terials. The major concept is that of the Krogh radius, the furthest

Figure 8. Use of microfluidic biomaterials as transport networks. Sequential perfusion of a microfluidic alginate gel with fluorescein- and rhodamine-
containing solutions leads to delivery and removal of the solutes. Reproduced with permission.[9] Copyright 2007, Springer Nature.
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distance from a channel wall to which solutes can be functionally
delivered.[9,50] As predicted by scaling analysis, this distance 𝜆 de-
pends on the solute consumption rate R0 per cell, the density 𝜌

of embedded cells, the solute concentration C0 at the inlet of the
channels, and the solute diffusivity D within the scaffold[9]

𝜆 ∼

√
DC0

𝜌R0

A similar expression holds in tissues that are formed with mi-
crofluidic vascularization, as shown with vascularized adipose.[89]

The idea of a Krogh radius has been tested with cell-laden gels
that contain individual chondrocytes.[9] The further the embed-
ded cells are from the channel, the less metabolically functional
they are. When the bulk contains individual endothelial cells,
these cells can migrate to the surface of a channel and eventu-
ally vascularize them.[119]

4.2. Wound Healing

When applied to a wound, a microfluidic biomaterial can serve as
an acellular bandage or wound dressing (Figure 9A).[7,120] Unlike
a passive dressing such as gauze, here the biomaterial can alter
the wound fluid by having a perfusate pumped into the dress-
ing. Although this concept has yet to be implemented in a mi-
crofluidic design, the basic capabilities have been demonstrated
in the hydrogel poly(hydroxyethyl methacrylate) (pHEMA). This
material can be photopatterned into regions of different pore
size,[7] and pressure-driven flow across a layer of pHEMA can
deliver solutes to an underlying substrate.[120] The open question
is whether the ability to control the wound milieu justifies the ex-
tra cost and difficulty of fabrication. Competing techniques, such
as negative-pressure wound therapy, are not as versatile as a mi-
crofluidic dressing, but may be sufficient to reap most of the ben-
efits from conditioning the wound fluid. Perhaps the ability of a
microfluidic dressing to deliver growth factors at defined loca-
tions and during different stages of wound healing would help
accelerate tissue regeneration.

An unrelated use of microfluidic biomaterials in wound heal-
ing is to direct the ingrowth of vascularized connective tissue
(Figure 9B).[121] The channels serve as guides for ingrowth, and
can also be filled with dilute collagen gel to provide a sparse pro-
visional matrix for cell migration. Surprisingly, tissue ingrowth
into channels that are pre-filled with dilute collagen is compara-
ble to that into unfilled channels.

5. Computational Design of Microfluidic
Biomaterials

To date, the study of microfluidic biomaterials has been heavily
experimental. Nevertheless, the precise geometries of microflu-
idic biomaterials render them amenable to computational mod-
eling and optimization, and some studies have applied analyt-
ical and finite-element approaches to microfluidic design. Two
types of fluidic geometrics are most commonly modeled: paral-
lel arrays of channels, and branching networks. Model parallel
arrays have been used to determine the optimal channel spacing

Figure 9. Use of microfluidic biomaterials in wound healing. A) Scanning
electron micrograph of a porous microfluidic pHEMA sponge that is pho-
topatterned to contain a 1 mm wide region of different pore structure.
Such materials have been proposed as the main element in active wound
dressings. Adapted with permission.[7] Copyright 2006, Cambridge Univer-
sity Press. B) Microfluidic collagen gels (20 mg mL−1) after subcutaneous
grafting in mice. Channels in the gels were either unfilled (top) or backfilled
with dilute (3 mg mL−1) collagen (bottom) before implantation. Scale bars
refer to 200 µm. Adapted with permission.[121] Copyright 2011, Elsevier.
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to obtain sufficient oxygen delivery and vascular stability within
microfluidic biomaterials.[118,122,123] Model branching networks
have been used to determine the optimal branching ratios needed
to minimize pumping power without compromising transport
rate.[124] Not surprisingly, these geometries resemble those of na-
tive biological transport networks, particularly in their adherence
to Murray’s law, which relates the channel diameters at a junction
in the network.

When optimizing microfluidic design, it is important to state
explicitly what parameter is being maximized or minimized and
what constraints are applied. For example, a network to deliver
nutrients to all cells in the scaffold while minimizing channel
surface area will have a different geometry than one that mini-
mizes the vascular volume.[125] Despite the potential of compu-
tational modeling, such approaches have been used primarily to
analyze transport in a given microfluidic geometry, rather than to
optimize the design for a desired output. As a result, the selection
of microfluidic geometry still remains driven more by intuition
than by computation, and much more work is needed to realize
the potential of computational tools for rational design of these
materials.

6. Conclusions and Future Directions

Since their invention in 2005, microfluidic biomaterials have gen-
erated tremendous interest in the biomaterials and tissue engi-
neering communities. Their use in microfluidic vascularization
has shown clear advantages over techniques that rely on biolog-
ical vascular morphogenesis, such as angiogenesis and vasculo-
genesis. Recent work has also begun to exploit the capability of
microfluidic biomaterials to template the formation of perfus-
able epithelial tubes. Other applications that treat the microflu-
idic features solely as a delivery network for solutes or fluids have
reached the proof-of-concept stage.

It is highly likely that the coupling of vascular and epithe-
lial structures into a single biomaterial, especially with the fur-
ther refinement of 3D printing, will continue. The incorporation
of capillary-scale channels, organ-specific vascular geometries,
and/or patient-derived cells will enable microphysiological sys-
tems to approximate native tissue organization more closely. For
applications in regenerative medicine, whether the unique capa-
bilities of microfluidic biomaterials are sufficient to justify the
extra complexity of scaffold synthesis remains to be seen. Never-
theless, the progress that has been achieved in the last 15 years
is heartening, and it is a solid bet that future studies will develop
new applications that have yet to be envisioned.
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