
BE14CH10-Tien ARI 14 June 2012 11:34

Microfluidic Models
of Vascular Functions
Keith H.K. Wong,1 Juliana M. Chan,2,3

Roger D. Kamm,3,4 and Joe Tien1

1Department of Biomedical Engineering, Boston University, Boston, Massachusetts 02215;
email: jtien@bu.edu
2Molecular Engineering Lab, Agency for Science Technology and Research, Singapore 138668
3Department of Biological Engineering and 4Department of Mechanical Engineering,
Massachusetts Institute of Technology, Cambridge, Massachusetts 02139;
email: rdkamm@mit.edu

Annu. Rev. Biomed. Eng. 2012. 14:205–30

First published online as a Review in Advance on
April 23, 2012

The Annual Review of Biomedical Engineering is
online at bioeng.annualreviews.org

This article’s doi:
10.1146/annurev-bioeng-071811-150052

Copyright c© 2012 by Annual Reviews.
All rights reserved

1523-9829/12/0815-0205$20.00

Keywords

vascular models, microcirculation, tissue engineering, chemical gradients,
tumor angiogenesis, microfluidic hydrogels

Abstract

In vitro studies of vascular physiology have traditionally relied on cultures of
endothelial cells, smooth muscle cells, and pericytes grown on centimeter-
scale plates, filters, and flow chambers. The introduction of microfluidic tools
has revolutionized the study of vascular physiology by allowing researchers
to create physiologically relevant culture models, at the same time greatly
reducing the consumption of expensive reagents. By taking advantage of the
small dimensions and laminar flow inherent in microfluidic systems, recent
studies have created in vitro models that reproduce many features of the in
vivo vascular microenvironment with fine spatial and temporal resolution.
In this review, we highlight the advantages of microfluidics in four areas: the
investigation of hemodynamics on a capillary length scale, the modulation
of fluid streams over vascular cells, angiogenesis induced by the exposure of
vascular cells to well-defined gradients in growth factors or pressure, and the
growth of microvascular networks in biomaterials. Such unique capabilities at
the microscale are rapidly advancing the understanding of microcirculatory
dynamics, shear responses, and angiogenesis in health and disease as well as
the ability to create in vivo–like blood vessels in vitro.
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INTRODUCTION

Since the isolation of endothelial cells (ECs), smooth muscle cells (SMCs), and pericytes in the
1970s and 1980s (1–4), vascular physiology has been studied in vitro, usually with cultures on plates,
filters, or hydrogels. These centimeter-scale cultures have greatly advanced our understanding of
how the vascular system functions in healthy and diseased states. Areas of particular interest include
the regulation of angiogenesis (5), the response of vascular tone to shear stress (6), the adhesion
and transmigration of leukocytes during inflammation (7), the prevention of thrombus formation
(8), the regulation of vascular permeability (9), and ischemia/reperfusion injury (10).

In exchange for experimental convenience, many of these in vitro models sacrifice physiological
accuracy. For instance, they often place vascular cells on two-dimensional (2D) plastic substrates
that are much stiffer than native tissues, or in three-dimensional (3D) hydrogels that display
nonphysiological porosities and compositions. Interstitial flow (11) and growth factor gradients
(12), factors that regulate microvascular growth in vivo, are typically absent. Most studies do
not provide a constant flow over vascular cells; even fewer provide pulsatile stress to mimic the
pressure or flow waveforms experienced by cells in vivo. Moreover, in vitro culture raises the
basal turnover rate of ECs from ∼0.1% per day in vivo to 1–10% per day (13). Nonphysiological
features of the cell culture environment, such as supraphysiological oxygen levels and high growth
factor concentrations in serum, are present even in the most sophisticated in vitro culture systems.
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ADVANTAGES OF MICROFLUIDIC CELL CULTURE

In this review, we highlight recent advances in the application of microfluidic systems to studies
of vascular function. Most of these studies used photolithography or soft lithography to fabricate
patterned microfluidic channels with micrometer resolution [e.g., in the elastomer polydimethyl-
siloxane (PDMS)]. Because the smallest dimensions in microfluidic devices are less than 1 mm,
the Reynolds numbers (Re) of the flows are typically small (<10, and often much less) and the
flows are inherently laminar. Fluid physics and transport phenomena in such low Re flow are very
well characterized (14, 15). Coupled with innovative techniques for handling fluids, laminar flow
allows the precise patterning of fluid streams (16, 17). Microfluidic systems are thus particularly
well suited for exposing cultured vascular cells to actively modulated, locally heterogeneous, and
precisely controlled flow environments. At the same time, microfluidic cultures facilitate high-
throughput experimentation by greatly reducing the consumption of expensive reagents and cells
and by allowing the integration of detection assays directly in the microfluidic material (e.g., trans-
parent PDMS). Moreover, the high resolution of lithography enables the formation of microfluidic
systems that mimic the geometry of microvascular beds.

In some microfluidic systems, cells that are plated in the micropatterned channels are grown
adjacent to regions that contain 3D matrices or adjacent to other regions that contain different
cell types (18). The sprouting of microvessels into the matrix under different chemical or physical
local microenvironments can be closely regulated to mimic in vivo conditions. Close investigation
of the growth of these vascular structures is also possible via high-resolution, time-lapse imaging.

SCOPE OF THE REVIEW

Rather than exhaustively document microfluidics-based studies of vascular physiology, we have
organized this review around the microfluidic configuration used and the associated advan-
tage for study of the vascular system. This review covers work in four areas of recent interest:
(a) blood circulation at the microvascular scale, (b) behavior of the endothelium and blood cells
under applied shear stress, (c) angiogenesis and co-culture assays in defined microenvironments,
and (d ) vascularization of microfluidic scaffolds (Figure 1). Implicit in this organization is the
recognition that no single microfluidic system is likely to be useful for modeling all vascular func-
tions. We conclude with a discussion of the current limitations of microfluidics-based studies and
how one might overcome them.

MICROFLUIDIC STUDIES OF HEMODYNAMICS

Blood circulation has long been a topic of interest in biomechanics with an extensive history of
experimental and theoretical investigations. Early experimental studies of the microcirculation
were performed in kinematically and dynamically similar systems on the centimeter scale (19, 20)
or in glass capillary tubes (21). Dynamically similar systems, scaled using principles of continuum
mechanics based on the Reynolds number (Re = VD/υ, where V is a characteristic flow velocity,
D the vessel diameter, and υ the kinematic viscosity of blood) and Womersley number [α =
(D/2)

√
ω/υ ], where ω is a characteristic frequency of flow unsteadiness], are useful when studying

relatively simple situations such as the shear force acting on a single cell (20) or more complex
problems such as unsteady flow in nonuniform geometries (22).

The validity of these scaling approaches as well as that of the continuum assumption, however,
breaks down when discrete red blood cells (RBCs), cell-cell interactions, or molecular signaling
gains significance in microcirculatory dynamics. For instance, flowing RBCs tend to aggregate in
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Figure 1
Microfluidic models of vascular functions. (a) Construction of flow networks to study hemodynamics in microcirculation.
(b) Application of shear stress to study vascular cell biology. (c) Microfluidic patterning of cells and fluid streams to create defined
microenvironments, such as a chemical gradient. (d ) Vascularization of microfluidic channels to form microvascular networks within
hydrogels. Abbreviation: PDMS, polydimethylsiloxane.

the center of microvessels (vessels that are less than ∼100 μm in diameter), leaving a cell-free zone
near the vessel wall and decreasing the apparent viscosity (the Fåhræus-Lindqvist effect) (23). Cell-
cell adhesion and RBC flexibility together give rise to the non-Newtonian behavior of blood in
which the apparent viscosity decreases with increasing shear rate, reaching a constant value of 3–4
cP above a shear rate of ∼100 s−1. Furthermore, as the size scale further decreases to single-RBC
flow in capillaries, cell–vessel wall interactions should also be considered. At this scale, the glyco-
calyx, a glycoprotein and glycolipid layer that coats ECs in vivo, takes on increased importance
and influences a variety of phenomena including the radial distribution of RBCs, pressure-flow
relationships, and transendothelial exchange [see Weinbaum et al. (24) for a comprehensive re-
view]. On the one hand, given all these complicating factors, it is difficult to see how dynamic
scaling can be applied generally to reproduce microvascular hemodynamics using centimeter-scale
experiments. On the other hand, it is technically challenging to form flow networks representative
of in vivo microvascular beds using single glass capillary tubes, which also present the cells a much
stiffer substratum compared with subendothelial basement membrane and tissue in vivo.

Because flow networks on the 5–100-μm scale of the microvasculature are reproducibly
fabricated by photolithography, lithographically formed microfluidic systems have opened the
door to studies on microcirculatory dynamics. Here, microfluidic systems are functionally “pas-
sive”: They are simply meant to replicate the geometry of the microcirculation. Construction of
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microfluidic channels for early studies of blood flow was accomplished by etching glass or silicon
substrates (25). The lengthy fabrication processes likely limited widespread use of these methods
until PDMS-based rapid prototyping gained popularity (26).

Hemodynamics in Normal Physiology

The first PDMS-based model of the microcirculation (27) reproduced RBC deformation observed
in vivo; this morphological change is believed to facilitate gas exchange in vivo by increasing
the surface area of the RBC in contact with the capillary endothelium and by generating steep
transport gradients within the thin region between the RBC and the wall. RBCs, normally 7–8 μm
in diameter, deformed into a parachute-like shape in slightly wider channels or into a bullet shape
in slightly narrower ones (Figure 2a). When RBCs are forced through very narrow channels
(≤3 μm), their membrane mechanics takes on greater significance and the relationship between
pressure drop and RBC flow velocity becomes highly sensitive to changes in temperature (28).
This study (28) pointed out another important function of microfluidic experiments: validating

a b

c d

a b

c

i iiii

iiiiii

i

iiiiii

iiii

PluggedPlugged
channelchannel

NeutrophilNeutrophil

ChannelChannel

i ii

iii

i

iii

ii

Plugged
channel

Red Red 
blood blood 
cellscells

HealthyHealthy
red blood red blood 

cellscells

StiffenedStiffened
red blood red blood 

cellscells

Red 
blood 
cells

Neutrophil

Healthy
red blood 

cells

Stiffened
red blood 

cells

Channel

10 10 μm

5 5 μm

10 10 μm

10 10 μm

10 μm

5 μm

10 μm

10 μm

d

10 10 μm10 μm

Figure 2
Microfluidic studies of microcirculatory dynamics. (a) Red blood cells (RBCs) deformed into a parachute shape (i ) or bullet shape (ii ),
or they formed rouleaux (iii ) in channels of different widths. Modified with permission from Elsevier (27). (b) A neutrophil that was
forced into a capillary channel. Granule tracking revealed rheological changes under deformation. Modified with permission from the
American Physiological Society (29). Perfusion of healthy (c) and stiffened (d ) RBCs. RBC stiffening caused plugging of microchannels.
Modified with permission from the Royal Society of Chemistry (45).
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aggregation of
leukocytes in the
bloodstream, usually
in the context of
leukemia

computational models of single-cell mechanics. Other hemodynamic phenomena, such as plasma
skimming and flow reversal, were also observed in these flow networks (27).

Microfluidic channels have also been used to study the deformation of leukocytes such as
neutrophils. For instance, when forced into channels on the scale of small capillaries, neutrophils
transiently decrease their mechanical stiffness (Figure 2b) (29). This change in stiffness was due in
part to actin depolymerization on short (approximately seconds) timescales (30); within minutes,
the cell stiffness recovered to predeformation levels.

The stiffer and larger leukocytes, when interacting with RBCs, give rise to interesting mi-
crovascular flow phenomena. For example, because RBCs are typically much more abundant than
leukocytes, the fast-flowing RBCs in the core of the vessel collide with leukocytes and force them
toward the vessel wall in a process known as margination. This process, which promotes leukocyte-
EC contact and adhesion (22), was studied in bifurcating channels (31) and sudden expansions (32);
the latter geometry could model local enlargement of the lumen in dilated postcapillary venules
during inflammation. A similar phenomenon occurs in capillary sprouts, where leukocytes are
pushed into dead-end, no-flow bifurcations (33).

Hemodynamics in Pathophysiology

Microfluidic systems are also used to model blood cell pathology. Clinically, alterations in blood
cell deformability and complications in microvascular perfusion occur in diseases such as leukosta-
sis in leukemia (34), sickle cell disease (35), sepsis (36), malaria (37), and diabetes (38). Blood cell
rheology has traditionally been studied using cone-and-plate viscometry (39) or filtration through
micropores (40). Of note, cone-and-plate viscometry showed a significant effect of diamide, a
common RBC stiffening agent, on the reduction in RBC deformation (39, 41), whereas in vivo
studies suggested that such effects on the pressure-flow relationship in capillary networks are min-
imal (42, 43). Microfluidic experiments (44) have produced results consistent with in vivo studies,
and the authors attributed this finding to the more physiological pressure-driven flow in channels
versus the flow in cone-and-plate shearing.

An important rationale for using microfluidic systems lies in the ability of researchers to visualize
directly the effects of stiffened cells on perfusion in the entire flow network (45), a dynamic
observation that is not possible in filtration or viscometer studies (Figure 2c,d ). In a model of
sickle cell crisis that integrated molecular, cellular, and tissue-level dynamics, sickled RBCs were
deoxygenated across a gas-permeable PDMS membrane, causing polymerization of hemoglobin S,
followed by cell stiffening and subsequent flow occlusion. Rescue after reoxygenation was possible,
and therapeutic red cell exchange delayed occlusion (46). Likewise, the stiffening of neutrophils
by the inflammatory mediator N-formyl-methionyl-leucylphenylalanine increased their transit
time in channels having a width of 6 μm and height of 13 μm. When cells taken from leukemia
patients showing symptoms of leukostasis were added to the devices, flow in the channels was
impaired owing to the presence of a subpopulation of cells with relatively long transit times (47);
these results have clinical implications in acute leukemia when leukocyte concentration increases
quickly (48).

MICROFLUIDIC APPLICATION OF SHEAR

In the mammalian vascular system, blood-flow patterns and the resulting fluid shear on vascular
walls are extremely heterogeneous, ranging from pulsatile flow in large and small arteries to slow
or intermittent flow in capillaries and veins. Average shear stresses are higher in the arterioles and
capillaries, on the order of 40–60 dyn cm−2, and lower in large arteries and venules, on the order
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Hele-Shaw theory:
an approximation of
fluid flow in a narrow
gap between parallel
plates by 2D potential
flow

of 10–20 dyn cm−2 (49). However, transient shear stress on the order of 200 dyn cm−2 may occur
in large arteries for short periods during systole. Significant spatial variations also exist, especially
in cases of arterial occlusion.

Studies of the vascular response to shear stress have broad clinical relevance in vascular homeo-
stasis and pathophysiology. For instance, the disturbed flow that is often present near bifurcating
vessels causes low or unsteady shear levels that induce ECs to adopt an atherogenic phenotype (50).
Therefore, in vitro models of endothelium often attempt to create steady, pulsatile, or disturbed
(e.g., complex secondary, reversing, or turbulent) flow patterns. Traditionally, shear stress can be
applied to the vascular endothelium using parallel-plate flow chambers or viscometers, which can
generate shear stress uniformly or with spatial gradients within the same endothelial monolayer.
With the introduction of microfluidic devices that apply shear to cells, substantial improvements
in experimental versatility and throughput are now possible.

Throughput Enhancement

For the application of shear stress, microfluidic systems do not necessarily possess closer phys-
iological relevance over macroscale systems. In fact, macroscale systems (e.g., cone-and-plate
viscometers and parallel-plate devices) have been very successful in dissecting the changes in ECs
under shear, leading to great advances in our understanding of the progression and anatomical
localization of vascular diseases (50, 51). Viewed in this light, a major advantage of microfluidics
in shear experiments is enhanced throughput. To put numbers into context, it is useful to con-
sider the relationship between shear stress and volumetric flow rate: For Poiseuille flow in circular
channels, the shear stress scales as τ ∼ Q/r3, where Q is the volumetric flow rate and r is the vessel
radius; for channels of rectangular cross section with height h and width w, τ ∼ Q/w · h2. In other
words, by shrinking the device by 100-fold—for example, from centimeter-scale flow chambers
to 100-μm-scale microchannels—one can achieve the same level of shear stress with a flow rate
that is nearly 1 million times smaller.

This great reduction in flow rate per channel has made it possible to perform assays in a high-
throughput manner. For instance, shear stress levels ranging from 0.7 to 130 dyn cm−2 were
applied simultaneously in a single chip containing ten microscale flow chambers, each 200-μm
wide and 100-μm tall (52). In another study, a microscale parallel-plate flow chamber generated a
linear gradient of shear along the same monolayer (53). This configuration took advantage of the
very thin flow chamber height (100 μm) compared with the lateral dimensions to justify the use of
Hele-Shaw flow theory to calculate the flow field. This study showed that tumor necrosis factor
alpha (TNF-α)-induced VCAM-1 and E-selectin expression were upregulated at low shear levels
(2–4 dyn cm−2) and suppressed at high shear levels (>8 dyn cm−2). It also showed that monocytes
preferentially adhered to low-shear regions; the configuration of the microfluidic device allowed
well-controlled comparisons across multiple levels of shear in a single experiment.

One novel demonstration of the versatility of microfluidic technology is the refreshable Braille
display-controlled chip developed by Takayama and coworkers. In this device, piezoelectric pins
from a Braille display are programmed to actuate valves and peristaltic pumps in PDMS mi-
crofluidic devices by pushing against an elastic PDMS membrane (54). Appropriate valving and
reverse-pumping cycles allowed mixing of microfluidic streams even under low Reynolds num-
bers. In these studies, the microfluidic device is no longer passive and instead actively drives flow
through external actuation. In theory, the throughput of this automated assay is limited only by the
number of pins, although the discrete nature of the activation inevitably gives rise to some degree
of flow pulsatility. Using different pump sizes and frequencies of actuation provided a means to
study the effect of pulsatile shear on EC shape and alignment (Figure 3a) (55).
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Figure 3
Microfluidic shearing. (a) Endothelial cell (EC)-culture chamber sheared by Braille pin-actuated
microfluidic pumps (left). Illustration of the three-pin, peristaltic pumping sequence of the small and large
pumps that results in pulsatile flow (right). Modified with permission from the American Chemical Society
(55). (b) The study of barrier function using ECs cultured on a membrane that is sandwiched between two
microfluidic flow chambers. Extravasated albumin is detected with fluorescence microscopy. Modified with
permission from the American Chemical Society (59). (c) Hydrodynamic focusing from three converging
streams caused shearing of red blood cells in the central stream. Modified with permission from the Royal
Society of Chemistry (68). Abbreviations: FITC-BSA, fluorescein isothiocyanate-labeled bovine serum
albumin; PDMS, polydimethylsiloxane.

Endothelial Barrier Function

In the context of vascular physiology, barrier function refers to the ability of the vessel wall
to restrict passage of macromolecules, ions, and water, chiefly across the endothelium and its
glycocalyx (9). Regulation of endothelial permeability is important for maintaining water and solute
balance during normal homeostasis, while allowing rapid exchange during inflammation (56). Early
studies of permeability in vitro relied on measurements of water or solute flux across a confluent
endothelium on porous filters that served both as cell-culture substrates and as membranes that

212 Wong et al.

A
nn

u.
 R

ev
. B

io
m

ed
. E

ng
. 2

01
2.

14
:2

05
-2

30
. D

ow
nl

oa
de

d 
fr

om
 w

w
w

.a
nn

ua
lr

ev
ie

w
s.

or
g

by
 P

ri
nc

et
on

 U
ni

ve
rs

ity
 L

ib
ra

ry
 o

n 
07

/1
9/

12
. F

or
 p

er
so

na
l u

se
 o

nl
y.



BE14CH10-Tien ARI 14 June 2012 11:34

ATP: adenosine
triphosphate

NO: nitric oxide

permitted transport of the molecule of interest (57). Subsequent addition of a flow chamber atop
the filter system to impart physiological flow to the endothelium revealed the shear dependence
of permeability (58).

Microfluidic implementation of the permeability assay made use of similar arrangements by
sandwiching porous filters between PDMS-based microfluidic channels with controlled flow rates
(Figure 3b) (59). Another version eliminated the filters; instead, a short (2-μm high) gap in
the PDMS device served as a barrier to endothelial migration, while allowing extravasation of
albumin and calculation of permeability coefficients by fluorescence microscopy (60); this setup
provides a particularly simple device to measure permeability under pulsatile and oscillatory shear
stress. Other microfluidic studies of barrier function include the use of a neighboring fluidic
compartment for histamine stimulation (61) and a miniaturization of circuitry for the measurement
of transendothelial electrical resistance (62). Although these studies did not focus on shearing the
endothelium, addition of such capabilities should be straightforward.

Red Blood Cells Under Shear

Apart from the endothelium, other components in the blood stream are also subject to fluid shear.
Adenosine triphosphate (ATP), believed to act as a vasodilator (63), is released from RBCs when
they are forced through filters (64) or under flow in microbore tubings with diameters ranging
from 25 μm to 75 μm (65). Microfluidic channels have been applied to study this release in a variety
of configurations (66). Devices that contained narrowing channels were used to show higher ATP
release in narrower segments of the same flow channel (67). Subsequent studies used hydrodynamic
focusing to change the fluid shear rate; here, increasing the flow rate of adjacent streams caused
RBCs to flow in a narrower stream, thus generating higher local shear rates and resulting in greater
ATP release (Figure 3c) (68). This work demonstrates the unique advantage in lithography-based
microfluidics over glass capillary tubes in the routine construction of interconnected flow channels.

An important advantage of PDMS-based microfluidics in this area is their transparency, which
enables ready optical imaging of dynamic phenomena at different positions in the device. Correla-
tion of the observed cell behavior with the local shear environment can then allow the study of cell
behavior during rapid changes in shear. Recent studies used this strategy to uncover the existence
of a time delay from the onset of RBC shearing to ATP release (69, 70). Surprisingly, ATP release
is prevented if RBCs are allowed to recover quickly to their original shape (70). High-throughput
time-lapse imaging in such microfluidic devices, coupled with traditional cone-and-plate viscom-
etry, shed light on the link between RBC deformation, bulk viscosity, and ATP release (69).
Researchers determined that flow was required for a basal level of ATP release, but shear stress
dependence of ATP release was not observed until shear exceeded ∼30 dyn cm−2. Fast imaging
of RBC dynamics under flow channels revealed that shear thinning of blood—a non-Newtonian
fluid behavior in which increased shear causes a decrease in apparent viscosity—was not due to
RBC deformation, in contrast to common belief (71). Rather, shear thinning appeared to result
from a shear-induced reduction in the fraction of RBCs that underwent rigid body rotation.

The transparency of PDMS-based microfluidics also enables on-chip chemiluminescence as-
says. The ATP that is released from sheared RBCs causes local release of nitric oxide (NO) from
nearby ECs (64). Given that endothelial-derived NO is responsible for smooth muscle relaxation
(72), in vitro co-cultures of RBCs, ECs, and SMCs under flow represent an attractive model for
further exploration of vasomotion dynamics. Although such a complex tissue model has yet to be
realized, many of the analytical techniques for biochemical analysis of ATP and NO levels in the
microfluidic setting have been developed. Because NO’s half-life is short (on the order of minutes)
(73), direct measurements in a continuous flow system are advantageous (74). Measurements of
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Tissue factor:
a membrane protein
that serves to catalyze
the formation of fibrin
clots in the extrinsic
pathway of coagulation

ECM: extracellular
matrix

VEGF: vascular
endothelial growth
factor

S1P: sphingosine
1-phosphate

endothelium-derived NO on-chip in microfluidic systems have been obtained with carbon micro-
electrodes (75) or fluorescence microscopy (76). Using the latter method, Spence and coworkers
cultured ECs on porous membranes and perfused RBCs through underlying microfluidic channels;
they showed that ATP that is released from iloprost-stimulated RBCs upregulated NO production
in ECs (77). In a similar system, estradiol inhibited ATP release from RBCs, in turn decreasing
endothelial NO production (78). By measuring transendothelial electrical resistance, researchers
have been able to assess endothelial barrier function in the presence of flowing RBCs (79).

Blood Coagulation

Thrombosis dynamics are also affected by flow (80). Microfluidic devices have been designed to
study the propagation of an upstream preformed clot to a downstream abrupt expansion that
simulated a venous valve; recirculating flow in the valve increased the residence time of blood
plasma and allowed real-time observation of clot propagation (81). The clot, positioned at a
fluidic branch perpendicular to the major flow channel, was first initiated using predeposited
tissue factor. Under low flow, this clot front advanced into the flow channel and was carried
downstream, initiating another clot at the valve within 10 min. Shear rates greater than 90 s−1

delayed clotting in the valve to >30 min. This work is consistent with the theory that clotting
requires clot-initiating agents to exceed a certain threshold concentration (82), because high shear
rate effectively dilutes their local concentration.

A subsequent study used capillary tubes precoated with a small patch of tissue factor to initiate
the clot (83). Systematic variation of diameter and flow rates showed that the wall shear rate,
rather than volumetric flow or flow velocity, governed the clotting dynamics. Delay of clotting
under high shear rate was reproduced in platelet-rich plasma as well as whole blood, although a
threshold was difficult to quantify in the latter owing to its fast spontaneous clot times (∼10 min)
(83).

ANGIOGENESIS AND CO-CULTURE UNDER DEFINED
MICROENVIRONMENTS

Cells in vivo reside in a complex 3D architecture, respond to cues from the extracellular matrix
(ECM), undergo cell-cell chemo-mechanical coupling, and respond to morphogen concentrations
and gradients. Spatiotemporal resolution of growth factors, either uniformly distributed or in
gradients, is important for microvascular function in vivo. Vascular endothelial growth factor
(VEGF) is a fundamental regulator of vascular angiogenesis and lymphangiogenesis in vertebrates,
in concert with a multitude of other growth factors, such as platelet-derived growth factor B,
transforming growth factor beta 1, fibroblast growth factor 2 (FGF2), sphingosine 1-phosphate
(S1P), and angiopoietins (Ang1, Ang2), as well as signaling pathways involving Notch and ephrins
in ECs (84). Whereas VEGF acts as a critical morphogen, other factors such as FGF2 act primarily
as a mitogen (85). Gradients in VEGF are routinely established in vivo through the presentation
of distinct VEGF isoforms with different affinities for heparin-rich matrix components or owing
to spatial variations in synthesis and secretion rates (12). These VEGF gradients are necessary for
proper vessel patterning in the retina as demonstrated in VEGF120/120 mice, which lack heparin-
binding VEGF isoforms (86).

Growth factor expression and activity also show temporal profiles. At the earliest stage, VEGF
and S1P stimulate endothelial morphogenesis, making them the prime effectors of the neovascu-
larization that occurs in embryonic development and in association with various pathologies (87).
In murine xenograft and allograft models, administration of an anti-S1P monoclonal antibody
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arrested the ability of VEGF and bFGF to induce tumor-associated angiogenesis (88). Targeted
gene-inactivation studies in mice have shown that VEGF is necessary for the early stages of vas-
cular development, whereas the angiopoietins such as Ang1 are required for the later stages of
vascular remodeling (89). In mRNA profiling studies, Ang1 mRNAs were upregulated in cultured
serum-starved retinal pigment epithelium cells by VEGF in a time- and dose-dependent manner
(90).

Angiogenesis has been studied in vitro since ECs were first observed to form networks and
tube-like structures (91). In the earliest studies by Folkman & Haudenschild (91) in 1980, tumor
cells were cultured separately to generate conditioned tumor medium for EC cultures. Later
versions for in vitro co-culture and gradient generation include trans-filter assays in Boyden
chambers to juxtapose ECs on one side with tumor or mesenchymal cells on the other (92). These
assays in studying paracrine interactions, however, give discrete, quantitative end-point data of
the transmigration of radiolabeled cells (e.g., 51Cr) in various growth factor gradients. Although
it is possible to obtain a full data set using one sample per time point, these trans-filter assays do
not allow for real-time imaging of the temporal profile within an individual sample.

To achieve conditions that are closer to physiological environments, researchers have used
organ culture assays such as rat aortic ring explants and chick embryo aortic arch explants placed
on Matrigel for 1–2 weeks to study the effects of angiogenic promoters and inhibitors in a 3D
environment. These in vitro assays are described in detail in general reviews (5, 93, 94). Since
then, researchers (95) have further studied angiogenesis by developing a number of advanced
microfabrication techniques that enable independent variation of cell-cell, cell-ECM, and cell-
soluble factor interactions.

Angiogenesis Under Defined Gradients and Flow

Microfluidic devices are useful for studying the effect of chemical gradients within biological
cultures in vitro. By controlling laminar flow streams in microfluidic chips with pumps and valves,
investigators can circulate culture medium continuously for hours to weeks within these channels.
Using these devices, researchers can generate a theoretically unlimited number of parallel streams.
Owing to diffusion at the boundaries of narrow parallel layers, the formation of gradients is
possible, which can be designed to be linear, parabolic, or periodic (96). The resulting stable
gradients can be used to study the migration, proliferation, and differentiation of cells in vitro,
such as the initiation of angiogenesis by ECs.

Other microfluidic chip designs have incorporated a hydrogel (e.g., collagen type I, fibrin,
Matrigel) between two channels to observe the effect of chemical gradients across a gel that
mimics the ECM in vivo. For example, in a microfluidic device with two channels flanking a gel
region, an S1P concentration gradient was established across the collagen gel using dynamic flow
conditions and was used to test how growth factor gradients perturb EC sprouting and migration
(18). Other studies have similarly tested EC migration and capillary morphogenesis under stable
VEGF gradients (Figure 4a,b) (97). In these studies, two types of endothelial invasion occurred:
one with EC migration along the surfaces of the device, which later formed vascular lumens, and
another in which the vascular structures emerged directly as sprouts into the gel matrix. Later
studies demonstrated that the second, more natural form of angiogenesis could be promoted either
by using stiffer matrices or by coating the PDMS surface with poly-D-lysine hydrobromide (98).
These techniques have also been extrapolated to study the effect of gradients on whole tissues and
organs. In one study, embryonic mouse kidneys and embryoid bodies were isolated and attached
to a collagen I gel region flanked by microfluidic channels; VEGF and FGF gradients were set up
across the tissues, and the gradients induced directional angiogenesis (99).
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b
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Endothelium
Membrane

Stretch
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a

Endothelial cell
 migration

Control VEGF
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Cell
channel

Condition
channel
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channel

Diffusion

Figure 4
Control of microenvironments. (a) Microfluidic devices can be used to study paracrine interactions of
endothelial cells (ECs) with vascular endothelial growth factor (VEGF) gradients in the media.
(b) Microvascular ECs are cultured in the center channel, and VEGF is added to the right channel to create a
gradient across the center and right channels. Modified with permission from the Royal Society of
Chemistry (97). (c) Microfluidic reconstruction of the alveolar-capillary barrier. Application of vacuum on
the side chambers mimicked breathing-induced stretch of the cell-culture membrane. Modified with
permission from the American Association for the Advancement of Science (108).

Studies in postnatal mouse retina have shown that cells such as astrocytes provide spatial
guidance for the patterning of microvascular networks into predetermined tracks (100). Hence,
besides growth factor gradients, the contribution of spatially regulated EC binding sites can be
studied using photopolymerizable polyethylene glycol polymers conjugated to adhesive RGD
(Arg-Gly-Asp) ligands. When introduced from one of two inlets, the adhesive ligands deposit in
a gradient that results from sequential merging, mixing, and splitting of the two streams. Once
photo-crosslinked, the resultant hydrogels support a gradient of EC attachment that reflects the
gradient of patterned adhesive ligands (101).
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Intraluminal shear stress also influences angiogenesis, although two published studies report
conflicting findings: In a macroscale system, one showed that shear enhances EC invasion in
the presence of S1P (102); in a microfluidic system, the other showed inhibition of endothelial
invasion by a NO-mediated mechanism (103). Microfluidics has also been used to investigate the
effects of flow generated by pressure gradients across an endothelial monolayer, with and without
differences in VEGF concentration across the gel region to which the monolayer is adhered (103).
Effects of this transendothelial flow depend on flow direction, with basal-to-apical flows tending
to enhance the invasion of ECs with extensive filopodial structures growing into the gel region.
Such studies would not have been possible in conventional culture systems. The mechanisms
responsible for these intriguing results, however, remain to be elucidated.

Angiogenesis in Co-Culture

Traditional co-culture models either grow monolayers of cells on top of one another using trans-
well filter assays or use microprinting techniques, both of which give 2D environments. For
3D techniques, earlier studies of interactions with mural cells and ECs in spheroidal co-cultures
showed how SMCs promote quiescent EC states, but these studies lacked precise spatial patterning
and separation of cell types (104).

Microfluidic systems are capable of mimicking 3D tissue architecture by patterning cell-
embedded gels with fine spatial and temporal control. One study examined the interaction between
ECs placed on one side of a gel matrix while a SMC precursor cell line (10T1/2) was placed in the
opposite channel, separated by approximately 1 mm. The 10T1/2 cells both helped to stabilize the
monolayer and, in rare cases, attached to it (97). In another study, rat primary hepatocytes were
cultured in one channel on the side of a collagen gel, with either rat or human microvascular ECs
cultured across the gel in a second channel, allowing for direct communication between the two
cell types (105). The hepatocyte cultures were influenced by morphogenetic cues from the ECs
and vice versa, leading to extensive vascular sprouting from the EC monolayer, in the absence
of any direct contact or mechanical interaction between the two cell types. Similar approaches
were used to create a “perivascular niche,” composed of ECs suspended in fibrin gels adjacent
to stromal cells such as fibroblasts or mesenchymal stem cells; here, the stromal cells promoted
capillary morphogenesis in a manner that required stromal cell adhesion to EC-deposited laminin
(106).

Other microfluidic configurations permit microscale co-cultures that have extensive het-
erotypic cell-cell contact. In one study, primary rat hepatocytes and ECs were allowed to form
spheroids that were then deposited in an array of 0.3-mm-wide microreactors; a microporous filter
held the cells in place. These co-cultures could be maintained by perfusion for up to two weeks,
during which time the ECs organized into networks around the hepatocytes (107).

Other Co-Culture Models

Other features of the in vivo microenvironment, such as cellular extravasation from circulation
and physiological tissue movements (e.g., stretching), can also be modeled in microfluidic sys-
tems. Recently, a lung-on-a-chip model was proposed as an in vitro functional tissue mimic for
applications such as drug screening (108). Here, researchers reconstituted the alveolar-capillary
barrier of the lung by growing epithelial cells in air and ECs in culture media and by separating
the two monolayers with a porous PDMS membrane. This air-liquid interface culture promoted
alveolar-capillary barrier function, as measured by trans-bilayer electrical resistance and albumin
transport. Application of a vacuum at the side chambers induced cyclic stretching of the porous
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membrane that emulated physiological breathing deformations (Figure 4c). Another study that
focused on spatial localization is the cancer metastasis model, in which two channels sandwiched
a polyester porous membrane (109). The top layer contained a confluent EC monolayer, and
the local chemokine stimulation of the endothelium from the bottom channel caused circulating
cancer cells to adhere preferentially to these sites.

VASCULAR FUNCTION AND TRANSPORT
IN MICROFLUIDIC HYDROGELS

Recent studies have begun to build microfluidic networks into biomaterials that support 3D cell
culture and vascular in-growth. These studies are motivated by the problem of vascularization
when engineering large tissues. Because current methods for generating vascular networks rely on
the sprouting of native vessels or on the tubulogenesis of implanted vascular cells, both of which
require on the order of days to generate perfusion, they often result in compromised viability
of implanted constructs. In principle, scaffolds that contain microfluidic networks (microfluidic
scaffolds) can support immediate perfusion, which can then sustain the metabolism of cells that
reside within the scaffold. Moreover, if the scaffold consists of a material that supports vascular
cell adhesion, then it may be possible to use the microfluidic networks as templates for the growth
of open, patterned vascular networks. Although many technical challenges remain, surgical anas-
tomosis of vessels in a microfluidic scaffold to vessels in a recipient tissue bed is expected to enable
immediate perfusion of the scaffold with blood upon implantation.

Microfluidic Scaffolds for Tissue Engineering

Scaffolds for tissue engineering must be sufficiently porous to enable delivery of oxygen and
nutrients to embedded cells (110). Because PDMS is impermeable to culture media [although it
is permeable to water vapor and oxygen (111)], it is not a promising material for this application.
Also, scaffolds should promote cell attachment (PDMS does not, unless functionalized) and should
roughly match the mechanical properties of the tissue of interest (PDMS is much stiffer than most
tissues).

Hydrogels represent an attractive class of scaffolds owing to their biocompatibility and tunable
porosity and elastic moduli (112). Transport in microfluidic hydrogels can mimic the transport
pathways in vivo, where convection through a branching network and diffusion into the sur-
rounding tissue are dominant. Because hydrogels are porous, interstitial flow alone can be used
to deliver solutes throughout a scaffold (110). This approach, however, requires a substantial hy-
draulic pressure that scales linearly with the length of the tissue construct; more importantly,
excessive interstitial flow can decrease cell viability, possibly by exposing cells to high shear stress
(113, 114).

Compared with the formation of microfluidic networks in PDMS, the formation of a single
open channel (let alone an entire network) in a hydrogel requires care. In contrast to PDMS,
hydrogels are separated by a film of water when placed in contact; microfluidic channels con-
structed by layering a patterned gel on top of a flat gel, therefore, are not leakproof (115). Under
internal pressure, adherent hydrogels tend to detach from each other. Thus, much of the chal-
lenge in forming microfluidic hydrogels lies in the development of methods to ensure that the
scaffolds are sufficiently strong to withstand the stresses imparted by perfusion. In seminal work
by Stroock and colleagues (116), slabs of micromolded calcium alginate hydrogels were bonded
onto flat layers to form a sealed structure (Figure 5a). Because this hydrogel requires calcium
ions for electrostatic crosslinking, adding sodium citrate partially dissolved the gel by chelating

218 Wong et al.

A
nn

u.
 R

ev
. B

io
m

ed
. E

ng
. 2

01
2.

14
:2

05
-2

30
. D

ow
nl

oa
de

d 
fr

om
 w

w
w

.a
nn

ua
lr

ev
ie

w
s.

or
g

by
 P

ri
nc

et
on

 U
ni

ve
rs

ity
 L

ib
ra

ry
 o

n 
07

/1
9/

12
. F

or
 p

er
so

na
l u

se
 o

nl
y.



BE14CH10-Tien ARI 14 June 2012 11:34

PDMSSubstrate

Mold gelatin
in channel
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Channel

E.g., fibrin

Bond the layers byLayer on
flat gel

E.g., calcium alginate
bonded using sodium citrate
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positive features

Gel

PDMS
Needle
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Hydrogel Channel
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Figure 5
Fabrication of microfluidic hydrogels. (a) Gel bonding. Perturbants (e.g., sodium citrate for alginate gels) and high temperature bond
gels by transient, partial depolymerization and transient melting, respectively. Modified with permission from the American Chemical
Society (115, 116). (b) Needles may be used to form single microfluidic channels in hydrogels. Modified with permission from Elsevier
(119). (c) Molded gelatin may also be used to form microfluidic networks in gels. Modified with permission from the Royal Society of
Chemistry (122). Abbreviation: PDMS, polydimethylsiloxane.

calcium and allowed soluble alginate to interpenetrate the gel boundaries and eventually crosslink
the two surfaces upon readdition of calcium (116). In a similar approach, transient exposure of
adherent ECM-based gels (collagen and fibrin) to chaotropes such as guanidine hydrochloride
resulted in gel bonding; here, the chaotropes acted as perturbants that partially depolymerized the
gels (115). Other studies have relied on thermal approaches to bonding: Patterned silk fibroin gels
were bonded by applying mechanical pressure to stacked layers under high temperature (70◦C)
with the addition of aqueous silk fibroin solution at the interface (117); transient (in seconds)
melting of agarose gels also resulted in bonding (118).

An alternate strategy to bonding is to excavate the desired channels. A simple method is to
mold hydrogel around removable tubular structures, such as needles (119, 120) (Figure 5b) and
steel wires (121). This method, however, is limited to single channels. A more versatile technique
is to use micromolded gelatin templates to form entire microfluidic networks. In this procedure,
molding of concentrated (10%) gelatin solution between a patterned PDMS stamp and a flat
substrate formed a gelatin mesh that could be released into solution as a free-standing structure.
Gelation of collagen or fibrin around this mesh, followed by a saline flush at 37◦C that removed
the melted gelatin, resulted in open microfluidic networks throughout the hydrogel (Figure 5c)
(122). This gelatin-based method could be used to build multiplanar networks by stacking, but
the construction of truly interconnected 3D networks is technically challenging. An alternate
approach is to use optical lithography to carve 3D interconnected channels inside photodegradable
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Péclet number: a
dimensionless ratio of
convective to diffusive
solute flux (e.g., within
a vessel)

Biot number: a
dimensionless ratio of
the solute transfer
resistances within a
material and on its
surface (e.g., within a
tissue and at the
tissue-vessel interface)

polyethylene glycol gels (123). This method can theoretically be extended to any polymer gel with
photodegradable crosslinkers.

The enhanced transport properties of microfluidic gels make such gels particularly relevant for
tissue engineering. In the absence of channels (e.g., in homogeneous scaffolds), a pressure gradient
on the order of 1 cm H2O mm−1 resulted in very slow interstitial flow for the transport of low-
molecular-weight solutes such as rhodamine (MW = 479 Da) (122). With the aid of microfluidic
channels, however, convective transport saturates channels and allows immediate diffusion into
the gel. Similarly, these channels can accelerate solute extraction from the gel by acting as sinks
(116, 122). The maintenance of a concentration profile that does not vary along the length of
microchannels can be achieved with high Péclet and Biot numbers, such that the mass-transfer
process is controlled solely by diffusion-reaction kinetics within the bulk of the scaffold (i.e., it
is not limited by convection within the channel). When a relatively uniform concentration is
desired across the entire hydrogel—for example, in the supply of oxygen or glucose—one should
design channels with spacing smaller than a characteristic distance, λ = 2 · √

Dc /R, where D
is the diffusivity of the solute in the scaffold, c is the concentration of the solute in the channel,
and R is the consumption rate. When designed in this way, microfluidic networks can be used
to deliver low-molecular-weight solutes, such as calcein AM, to densely seeded (107 cell ml−1)
scaffolds (124).

Functional Vascularization of Microfluidic Scaffolds

Although mass transport is required to maintain viability of tissues, it is not the only function
of the microvascular system. For instance, in addition to maintaining water and solute balance,
the endothelial barrier effectively shields parenchymal cells from interstitial fluid shear. In vitro
perfusion of tissue constructs with whole blood also requires a nonthrombogenic endothelial
coating (125). In the context of tissue engineering, a microvascular bed that displays normal
physiology is desired to provide the surrounding tissues with the appropriate chemical and physical
signals for proper parenchymal function.

This idea has called for the vascularization of microfluidic scaffolds. One promising approach is
to seed normal ECs into microfluidic channels inside collagen and fibrin gels, because such ECM-
based gels provide a natural substrate for cell attachment (115, 119, 122). Under constant perfusion,
the ECs in microfluidic ECM gels spread and grow to confluence inside channels to form tubes
and networks (Figure 6a) that support perfusion. Other materials such as methacrylated gelatin
gels (120) also support EC growth. Co-culture with perivascular cells has been demonstrated but
did not yield vessels with a mural coat (119).

Single endothelial tubes (made from gels that contain a single channel) have served as a start-
ing point for studying the quantitative physiology of vessels in microfluidic scaffolds (119, 126).
Microvessels of 50–150-μm diameters were perfused under physiological shear stress levels of
∼10 dyn cm−2 with dextran-supplemented media that matched plasma in its viscosity (∼1.4 cP).
Under basal culture conditions, these tubes displayed a barrier function that was consistent with
the nonleaky phenotype of continuous endothelium in vivo (e.g., in vessels from dermis or mus-
cle). Upon stimulation with inflammatory cytokines, the tubes reacted with loss of barrier function
(Figure 6b) and supported leukocyte adhesion (Figure 6c) (119).

Single endothelial tubes have also enabled the study of how chemical and mechanical signals that
are derived from perfusion alter the phenotype of vessels (127, 128). Higher levels of the second
messenger cyclic AMP (a result of supplementing the perfusate with a membrane-permeable
analog) caused lower permeabilities to albumin and higher charge selectivities; the latter may
indicate the presence of a functional glycocalyx on the vascular lumen. Likewise, exposure of
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a

b

+ TNF-αControl

Fibrin

Endothelial cells

Endothelial
cells Collagen

+ thrombin

100 μm

100 μm

200 μm

200 μm

100 μm

Control

c

Perfusion of
fluorescent BSA

Adherent leukocytesWalls of lumen

Figure 6
Vascularization of microfluidic hydrogels. (a) Extracellular matrix–based microfluidic gels provide a natural substrate for cell growth.
Endothelial cells formed confluent monolayers in single channels (left) or networks (right). (Right, inset) Stained cell nuclei. Modified
with permission from the Royal Society of Chemistry (122). (b) Perfusion of fluorescent solutes (in this case, albumin) into endothelial
tubes in the study of vascular permeability. Thrombin stimulation resulted in the loss of barrier function, as demonstrated by the rapid
leakage of albumin. (c) Stimulation of endothelial tubes with tumor necrosis factor α (TNF-α) resulted in adhesion of labeled
leukocytes. (b,c) Modified with permission from Elsevier (119). Abbreviation: BSA, bovine serum albumin.

vessels to higher shear stresses led to lower permeabilities. Both high levels of cyclic AMP and
high shear greatly augmented the stability of the vessel and supported long-term perfusion to
at least two weeks. Vascular stability appears to require a positive transmural pressure, which
serves to lower the tensile stress at the EC-scaffold interface, and a nonleaky vessel wall, which
enables the transmural pressure to be sustained (127). When saturating levels of cyclic AMP were
present in the perfusate, normalization of barrier function was accompanied by normalization of
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EC turnover to 0.05–0.1% h−1 (128), which approaches levels found in quiescent microvessels in
vivo (129, 130).

The aforementioned physiological studies used primarily microfluidic collagen gels that did
not contain nonvascular cells within the bulk of the scaffold. It will be important to determine
to what extent these findings can be extended to other types of microfluidic scaffolds and in the
presence of surrounding parenchymal cells.

A different approach to vascularization used the microfluidic networks within the hydrogel
as templates for host angiogenesis upon implantation (131). In collagen scaffolds, 100-μm pores
induce significantly higher cellular invasion and vascularization than did 200-μm and 400-μm
pores; this result may stem from the higher bending stiffness of 100-μm pores. The higher cell
density within the pores may then induce hypoxia and VEGF expression that enhances angio-
genesis. By bypassing the need for in vitro vascularization, this work demonstrates an interesting
approach to promote therapeutic angiogenesis within microfluidic scaffolds if perfusion is not
required immediately.

FUTURE DIRECTIONS

Although microfluidic models represent a tremendous advance in creating physiologically relevant
models for the vascular system, limitations exist. For instance, as a cell-culture substrate, PDMS,
which is the most common material used in constructing microfluidic devices, chemically and
physically differs from the ECM. This limitation can be overcome by using various hydrogels, but
even these materials fail to reproduce many of the important biochemical and biophysical charac-
teristics of the basement membrane and interstitial matrix. Furthermore, the straight microfluidic
channels with rectangular cross sections imprinted on a 2D planar surface bear little resemblance
to the tortuous channels with round cross sections that characterize microvascular beds in vivo.
Such differences can lead to abnormal behaviors in the microfluidic system. For instance, because
leukocytes preferentially marginate toward the four corners in rectangular channels, margination
of these cells at bifurcations was drastically different from that in channels with a circular cross
section (132).

An important artifact of routine cell culture is the high ambient oxygen level (21%). In the
microcirculation, oxygen levels rarely exceed 10% (133), and cells cultured in high oxygen levels
exhibit a shorter lifespan that results from cellular senescence (134) and oxidative damage to DNA
(135). Therefore, in vitro studies of vascular function or pathology, especially those phenomena
that involve oxidative stress (e.g., ischemia/reperfusion injury and atherosclerosis), should strive
to use oxygen levels representative of in vivo conditions. Oxygen tension can be controlled using
microfluidic chips (136), but these methods have not been widely adopted. Also, measurements
are needed to quantify the extent to which cellular consumption depletes oxygen levels in the
confined dimensions of a microfluidic system.

Another critical factor is the availability of signals from other cell types. Numerous studies
have demonstrated the importance of cell-cell interactions between ECs, SMCs, and pericytes to
establish in vivo function. The absence of these paracrine or juxtacrine signals from most previous
experiments undoubtedly introduced numerous artifacts and may explain the tendency for vascular
permeability to be much higher in vitro than in vivo. This deficiency needs to be addressed.

As the models become more complex and sophisticated, so too will our need to actively probe
cell function and signaling. Much of the information currently gleaned from microfluidic systems
comes from various imaging modalities. Although these methods have provided useful insight,
they are often limited in terms of their ability to provide quantitative, spatiotemporal informa-
tion on cellular processes. There is now an enormous opportunity to improve existing methods
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or to develop entirely new methods for monitoring the dynamics of single cells or interacting
populations.

Finally, microvascular functions are in large part regulated by a variety of factors ranging from
local mechanical stresses and cytokine gradients to systemically circulating hormones, and for this
reason, in vitro techniques may never entirely suffice. It is important to recognize that, although in
vitro microfluidic technology has provided researchers with many new tools, the combination of in
vitro data with in vivo models is ultimately necessary to evaluate experimental results meaningfully.

Filling in the Missing Pieces for a “Complete” Microvessel

With the existing techniques in hand, what are some concrete next steps for vascular models? Mi-
crofluidic models of the lymphatic system are poorly developed (126), despite the importance of
lymphatics in drainage of tissues, interstitial transport, and the immune response (137, 138). The
sparing flows in the lymphatic system can be difficult to generate and control, as these flow rates
can be similar in magnitude to evaporation rates through PDMS; external osmotic pumps may
prove useful to generate flow on the order of nanoliters per second that is relevant to lymphatics
(139). Another important advance would be the formation of microfluidic models of arterioles or
arteries to allow the studies of vasomotion. More realistic ECM composition, including the addi-
tion of basement membrane (Matrigel is only an approximation to actual basement membrane),
elastin, and glycosaminoglycans, with in vivo-like material properties such as stiffness and poros-
ity, would also be desirable. Integrating the above components would more realistically recreate
the “complete” microvessel as described in standard physiology textbooks.

Toward Functional Microvascular Beds and Tissue-Engineered Organs

A particularly attractive prospect is to grow complete and functional microvascular networks in
vitro. As of now, perfusable in vitro vascular networks are limited to those preformed in micro-
fluidic hydrogels, and these methods are yet to be widely practiced. Vascular networks formed by
angiogenic sprouting, however, arise from a self-organized, physiologically relevant vasculariza-
tion process that has been extensively studied in vivo. When forming stable, perfused microvascular
networks becomes a routine procedure, one can envision co-culturing with other organ-specific
cell types to produce even greater realism in organ-on-chip systems. The challenge then will be
to maintain phenotypic stability of the cells so that the systems are both more physiologic and
capable of being used for long-term studies.

As the major site for inflammatory responses and immune cell trafficking, the microvascula-
ture is indispensable for modeling numerous pathological processes. Such models would benefit
from vessels that exhibit organ-specific functions; an attractive target may be the formation of
the discontinuous endothelium that characterizes lymphoid organs. It may be possible to pro-
mote organ-specific endothelial functions using organ-specific ECM, as has been shown with
the development of fenestrated endothelium on kidney cell-derived matrix (140). More recently,
the successful vascularization of decellularized hearts and lungs suggests that ECM specificity in
modulating vascular function may be a general phenomenon (141, 142).

An important means of gaining insight into microvascular function is by applying multiscale
computational models to simulate processes ranging from intracellular signaling, to cell-cell and
cell-matrix interactions, and to communication between populations of different cell types. Such
models unify our ever-increasing knowledge about vascular function and angiogenesis, and can
generate testable hypotheses about the underlying biological processes. Although examples of
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multiscale vascular models exist, they have only recently been applied to processes such as angio-
genesis in a microfluidic system, and are still at an early stage of development (143, 144).

Ultimately, one can suggest adding components so that the complexity of the model tis-
sues/organs approaches that of organs in vivo. A short-term objective might be to create multiple
interacting organoids, thereby capturing some degree of the interplay that naturally occurs in
an entire organism (145). A rational and elegant approach, we believe, is to create the simplest
models that reproduce the critical functions of interest, thus avoiding the confounding variables
often found in animal studies.
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